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Abstract 10 
The study of the microbial ecology of drinking water distribution systems (DWDS) has 11 
traditionally been based on culturing organisms from bulk water samples. The development 12 
and application of molecular methods has supplied new tools for examining the microbial 13 
diversity and activity of environmental samples, yielding new insights into the microbial 14 
community and its diversity within these engineered ecosystems. In this review, the currently 15 
available methods and emerging approaches for characterising microbial communities, 16 
including both planktonic and biofilm ways of life, are critically evaluated. The study of 17 
biofilms is considered particularly important as it plays a critical role in the processes and 18 
interactions occurring at the pipe wall and bulk water interface. The advantages, limitations 19 
and usefulness of methods that can be used to detect and assess microbial abundance, 20 
community composition and function are discussed in a DWDS context. This review will 21 
assist hydraulic engineers and microbial ecologists in choosing the most appropriate tools to 22 
assess drinking water microbiology and related aspects.  23 
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1. Introduction  26 
The safety of drinking water is assumed and taken for granted by consumers in most 27 
developed countries. Yet, our understanding of the microbial ecology of drinking water 28 
distribution systems (DWDS) is limited, partly as these environments are not easily 29 
accessible and because they have traditionally been considered as challenging environments 30 
for microbial life when compared with other aquatic ecosystems. However, available 31 
scientific literature fuelled by the application of recent advances in molecular-based methods 32 
to drinking water ecosystem indicates that DWDS are diverse microbial ecosystems, with 33 
high bacterial and fungal abundance, but where a variety of microbial life from viruses to 34 
protozoa can be found (Szewzyk et al., 2000).  35 
Modern water treatment works can produce safe drinking water reliably, efficiently and 36 
effectively, starting from a variety of sources and initial qualities. While safe and of high 37 
quality, this water is far from sterile. Treated water is transported to end users through a 38 
diverse and complex water distribution infrastructure. Preventive measures are taken to 39 
control water quality, including microbial contamination, at treatment works and via the 40 
provision of disinfection residuals in the majority of DWDS. Nonetheless, some 41 
microorganisms can persist after treatment and enter and live within distribution systems 42 
(LeChevallier et al., 1987; Szewzyk et al., 2000). Additionally, treatment works have not 43 
always been operated to the current high standard, historically providing a range of nutrients 44 
to the communities developed within DWDS. Microorganisms can also enter distribution 45 
networks during installation, repair or replacement of infrastructure and by net ingress under 46 
dynamic or other depressurisation events (Besner et al., 2011). Once microorganisms are 47 
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within a DWDS they will face a challenging environment, with limited nutrients and 48 
changing water flow and pressure fluctuations. As a consequence, microorganisms will often 49 
have a better chance of survival attached to the pipe surfaces within a biofilm (Henne et al., 50 
2012), where they are protected from external adverse factors and benefit from the interaction 51 
with other microorganisms. More than 95 % of the microbial biomass in a DWDS is attached 52 
to the pipe walls forming biofilms (Flemming, 1998). 53 
The common questions arising when trying to study microorganisms in DWDS, irrespective 54 
of their life style are; (1) which type of microorganisms are present; (2) how abundant are 55 
they; (3) how their activities shape the environment or influence other organisms, including 56 
any possible effects on human health; and (4) how the environment influences the structure 57 
and function of the microorganisms present. Where function refers to those components of 58 
biodiversity that influence how an ecosystem works (Tilman, 2001).  59 
Different methods have been used to study DWDS in an attempt to answer these questions, 60 
ranging from cultured-dependent methods to culture independent-techniques. In accordance 61 
with regulatory requirements, water companies routinely use culture-dependent methods to 62 
assess the quality of drinking water. Culture-dependent detection and enumeration of faecal 63 
coliforms are useful for monitoring drinking water for faecal contamination providing water 64 
utilities with data at a reasonable cost. However, they provide limited information about the 65 
total microbial community (encompassing < 1% of the diversity) and changes therein. The 66 
application of culture-independent techniques has overcome these limitations and has 67 
recently revealed a new and improved view of the microbial world in DWDS. The 68 
implementation of these techniques as the method of choice to investigate microbial 69 
communities by water utilities is slow, since they require more specialised equipment, trained 70 
personnel and are more expensive than the culture-dependent methods. However, it is 71 
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expected that a number of culture-independent methods will be used routinely in the near 72 
future (as the prices for the analysis are dropping). 73 
This review presents an overview of the available methods that can be used to detect 74 
microorganisms and assess their abundance, composition and function within DWDS. The 75 
methods discussed are critically assessed with respect to their advantages, limitations, 76 
relevance and applicability to drinking water research. A full understanding of the microbial 77 
ecology of DWDS is of fundamental importance to preserve and guarantee safe and good 78 
quality drinking water. Better insights into microbial ecology of drinking water can provide 79 
more reliable risk assessments and help to improve current control and management 80 
strategies. 81 
2. Sampling water distribution systems  82 
2.1 Bulk water sampling  83 
Appropriate sampling procedures are essential for collecting representative water samples for 84 
microbiological parameters. Sampling programmes, guidelines for practices and procedures 85 
to monitor water quality within DWDS have been designed and developed by international 86 
organisations and water companies. The World Health Organisation (WHO) have published 87 
several editions of the Guidelines for Drinking Water Quality (2011), where information 88 
about standardised methods for microbial analysis of DWDS can be found (ISO5667-89 
5:2006). At a national level, in the USA, the Safe Drinking Water Act authorises the 90 
Environmental Protection Agency (US EPA) to set standards for drinking water and has 91 
developed a guide to help collect water samples according to these standards 92 
(http://water.epa.gov/lawsregs/rulesregs/sdwa/index.cfm). In the European Union (EU), The 93 
Drinking Water Directive (DWD) (98/83/EC), regulates the quality of water for human 94 
consumption and requires that the EU countries meet a number of health parameters and 95 
standards (Weinthal et al., 2005). In the UK, the Environmental Agency (EA) also provides 96 
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guidance on methods of sampling and analysis for determining the quality of drinking water 97 
and the Drinking Water Inspectorate regulates water companies in England and Wales to 98 
ensure that drinking water quality is safe and acceptable to consumers. 99 
Despite rigorous standards for regulatory purposes, there is often a lack of detail in the 100 
scientific literature about sampling methodologies, making the evaluation and comparison of 101 
data across systems and research difficult. Several basic considerations need to be taken into 102 
account when sampling, such as the use of appropriate sampling containers, transport, storage 103 
and avoidance of contamination during collection. However, if the research objective is to 104 
apply methods besides the standard analysis of drinking water, which are molecular-based 105 
(DNA/RNA) or based on proteomics or metabolomics approaches the current official 106 
regulations and guidelines described above do not provide any protocol guidance. For 107 
example, there are no standards regarding the minimal representative sampling volume 108 
needed to capture the complete microbiome present in DWDS. Different volumes of water 109 
ranging from 1 L to 100 L have been used in the literature to concentrate microbial biomass 110 
for downstream molecular analysis (Martiny et al., 2003; Lautenschlager et al., 2010; Revetta 111 
et al., 2010; Gomez-Alvarez et al., 2012). While sampling standards do exist for regulated 112 
parameters (e.g. random day time sampling in the UK, requiring tap sterilisation, flushing, 113 
etc.) the suitability of these for advanced microbial analysis should be reviewed, including 114 
consideration of how, where and when samples are taken. The lack of standards for molecular 115 
work makes comparison of results between laboratories extremely difficult. However, 116 
molecular techniques are more frequently used and it is expected that standards and guidance 117 
for these will be developed in the near future. 118 
2.2 Biofilm sampling 119 
Biofilm research is a key component in DWDS microbial studies, but as pipes are not readily 120 
accessible, collecting samples from real systems is a substantial challenge. Habitually, bench-121 
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top laboratory biofilm reactors such as the Rotating Disc Reactor  (Murga et al., 2001; Mohle 122 
et al., 2007), the Biofilm Annular Reactor (Batte et al., 2003a; Batte et al., 2003b), and the 123 
Propella Reactor (Appenzeller et al., 2001) have been used to study various abiotic factors 124 
that might influence biofilm formation. However, it is well known that they poorly replicate 125 
the conditions of real pipe networks (Deines et al., 2010). 126 
Currently two different approaches exist for studying biofilms in situ in DWDS. One involves 127 
cut-outs of pipes; the other one relies on devices inserted into the pipe. Pipe cut-out sampling 128 
protocols are labour-intensive, expensive and classed as destructive sampling methods 129 
(LeChevallier et al., 1998; Wingender and Flemming, 2004). Furthermore, the excavation 130 
and cutting processes often lead to concerns with contamination and representative sampling. 131 
The use of devices, commonly coupons, that can be deployed repeatedly either within a pilot-132 
scale test facility or in an operational DWDS, allows the study of biofilm dynamics over time 133 
in relation to changing abiotic and biotic factors in situ. Commonly, the main limitation of 134 
some of these devices is that they distort hydraulic conditions in pipes and, in most cases, 135 
shear stress and turbulence regimes are different from those expected in real pipes, artificially 136 
influencing the way biofilms develop. The Robbin device (Manz et al., 1993; Kalmbach et 137 
al., 1997) and the “Pipe Sliding Coupon” holder (Chang et al., 2003) present these types of 138 
hydraulic limitations. Some devices such as the “Biofilm Sampler” (Juhna et al., 2007) are 139 
directly connected to a DWDS avoiding the distortion of hydraulic conditions on biofilm 140 
processes but to study in situ biofilms, for example via microscopy techniques, biofilms need 141 
to be removed from the coupon. The Pennine Water Group coupon, ‘PWG Coupon’, takes 142 
the benefits of the “Biofilm Sampler” a step further, since the coupon is curved and therefore 143 
sits flush with the pipe wall reducing the distortion of hydraulic conditions (Deines et al., 144 
2010). Another advantage is that the coupon comprises two parts; a removable ‘insert’, which 145 
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allows the analysis of biofilms in situ and an outer part that can be used to extract nucleic 146 
acids for further characterisation of microbial communities (Deines et al., 2010).  147 
The application of coupon techniques in both experimental and live DWDS makes it possible 148 
for us to advance our understanding of biofilms and the numerous abiotic factors that might 149 
play a role in their formation and properties. 150 
3. Conventional and current microbiological techniques and methodological 151 
advancements to address the challenges of maintaining potable water quality 152 
Figure 1 shows the techniques most frequently used to detect, quantify, and characterise 153 
microbial communities in drinking water-related samples (i.e. bulk water and biofilm). 154 
Conventional microbial techniques have been traditionally applied to monitor changes in the 155 
microbial quality of water. Despite their usefulness, these techniques are certainly limited and 156 
they only show a relatively small proportion (< 1%) of the total diversity of the water 157 
samples (Riesenfeld et al., 2004). Recently, molecular approaches have circumvented these 158 
limitations, allowing us to obtain a more detailed image of microbial communities. In this 159 
section, the applications, advantages and limitations of these techniques are discussed in 160 
detail. 161 
3.1 Microbial detection and enumeration  162 
3.1.1 Culture-dependent techniques 163 
Despite the well-known limitations of culture-dependent methodologies (Amann et al., 1995; 164 
Theron and Cloete, 2000), they are the current regulatory requirement used by water 165 
companies and analytical laboratories to routinely monitor microbial quality of drinking 166 
water, including the detection of faecal contamination. 167 
The reference method used for routine bacteriological monitoring in drinking water is 168 
heterotrophic plate count (HPC) measurements, which assess only heterotrophic bacteria 169 
able to form colonies on a solid medium at a specific temperature. Counting the number of 170 
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colonies grown after a defined incubation time provides a general estimation of the 171 
bacteriological load in the water samples. There are several standardized HPC methods but 172 
not an approved standard operating procedure. These methods include incubation of plates 173 
using temperatures ranging from 20°C to 37°C and over periods from a few hours to several 174 
days (Allen et al., 2004). HPC yields only information about a limited fraction of the whole 175 
microbial community in a sample but the low cost, relative simplicity, wide acceptance and 176 
long history of the method makes HPC a convenient tool for water utilities to assess the 177 
efficiency of water treatment and to infer regrowth of microorganism in the network (WHO, 178 
2003). 179 
Culture-dependent tests are also used to detect indicator microorganisms such as coliform 180 
bacteria. Coliform bacteria (e.g. Escherichia spp., Enterobacter spp. and Citrobacter spp.) 181 
are habitual inhabitants of animal faeces and for this reason their presence above certain 182 
concentrations, established in specific legislations, is used to infer faecal contamination in the 183 
water (Boubetra et al., 2011). The membrane filtration (MF) technique and the multiple 184 
tube fermentation (MTF) method are often used to detect coliforms in drinking water. The 185 
MF technique consists of filtering a water sample to concentrate cells followed by incubation 186 
of the filter on a specific medium and after a given period of time the developed colonies are 187 
enumerated. In the MTF technique, the concentration of bacteria is estimated by inoculating a 188 
series of tubes containing liquid medium with ten-fold dilutions of the water sample. If the 189 
medium supports microbial growth it will become turbid and the results can be expressed 190 
using an estimation of the average number of bacteria in the sample known as the most 191 
probable number (MPN) technique (Sutton, 2010). However, further testing is generally 192 
required to confirm the presence of specific coliform organisms (Ashbolt et al., 2001). The 193 
tests used to analyse these bacteria are relatively cheap, easy and safe to execute, providing 194 
water companies and analytical laboratories with a convenient tool to assess risk of faecal 195 
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contamination. In Standard Methods for the Examination of Water and Wastewater (APHA, 196 
2012), detailed methodological information can be found regarding the detection of total and 197 
faecal coliforms.  198 
An alternative and more sensitive approach to detect coliforms is based on enzymatic 199 
reactions, using the enzymes β-D galactosidase and β-D glucoronidase. Briefly, the water 200 
sample is used to inoculate a medium containing specific enzyme substrates which in contact 201 
with a particular microorganism produce a quantifiable colour change (Rompre et al., 2002). 202 
The most widely used test based on enzymatic reactions to detect coliforms is ColilertR 203 
(IDEXX Laboratories) and a modified version, Quantity-Tray (QT), allows for their 204 
quantification. These methods are easy to use and they can detect non-culturable coliforms 205 
(George et al., 2000), but they are more expensive when compared with cultivation methods. 206 
Alternative indicators of faecal pollution are sometimes monitored in addition to coliforms. 207 
The sulphite-reducing anaerobe bacterium Clostridium perfringens is considered a good 208 
indicator of faecal contamination (Ashbolt et al., 2001). Spores formed by this bacterium are 209 
mainly of faecal origin and can survive disinfection as they are more resistant than vegetative 210 
cells. Consequently, Clostridium spp. is a better indicator than E. coli of the presence of more 211 
long-lasting organisms such as viruses and protozoa because they can survive under similar 212 
conditions (Ashbolt et al., 2001). There is an established ISO procedure to detect C. 213 
perfringens (ISO/TC 147/SC 4) using a selective medium for this microorganism. 214 
In conclusion, culture-dependent methods are convenient diagnostic tools used by water 215 
companies given that they are simple to perform, relatively low-cost and fast ways of 216 
detecting general microbial failures in the system. However, they are only representative of a 217 
limited and specific fraction of microbial communities in water samples. 218 
3.1.2 Culture-independent techniques  219 
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To circumvent the limitations of culture-dependent techniques in representing the actual 220 
microbial diversity, culture–independent methods have been developed to detect and quantify 221 
microorganisms. In Table 1, we comment on the main applications, advantages and 222 
disadvantages of the most commonly used techniques to study microorganisms in drinking 223 
water distribution systems. 224 
3.1.2.1 Microscopic methods 225 
Epifluorescence microscopy based methods offer a faster alternative for monitoring the 226 
quality of drinking water than traditional plate counts, which have long incubation times. 227 
Different fluorescent dyes can be used to directly stain cells in biofilms and/or water samples 228 
and to estimate total cell counts using an epifluorescence microscope. Some of the most 229 
useful dyes to quantify microorganisms in water and biofilm samples are acridine orange  230 
(AO) (Hobbie et al., 1977), 4,6-di-amino-2 phenylindole (DAPI) (Schaule et al., 1993) and  231 
5-cyano-2,3 Dytolyl Tetrazolium Chloride (CTC) (Schaule and Flemming, 1996). To 232 
estimate viable cells a viability staining method might be used, such as the LIVE/DEAD® 233 
Bacterial Viability Kit (BacLight™) which contains two nucleic acid stains: SYTO 9™ 234 
(green-fluorescent) and propidium iodide (PI) (red-fluorescent). The SYTO 9™ dye 235 
penetrates all membranes while PI can only penetrate cells with damaged membranes. 236 
Therefore, cells with compromised membranes will stain red, whereas cells with undamaged 237 
membranes will stain green (Boulos et al., 1999). 238 
Fluorescent in situ hybridization (FISH) effectively extends epifluorescence microscopy, 239 
allowing for the fast detection and enumeration of specific microorganisms (Wagner et al., 240 
1993). This method uses fluorescent labelled oligonucleotides probes (usually 15-25 bp) 241 
which bind specifically to microbial DNA in the sample, allowing the visualization of the 242 
cells using an epifluorescence or confocal laser scanning microscope (CLSM) (Gilbride et al., 243 
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2006). FISH has been successfully used to characterise microorganisms within biofilms and 244 
to detect pathogens in drinking water samples (Batte et al., 2003b; Wilhartitz et al., 2007). 245 
An improvement of the FISH method is the catalysed reporter deposition fluorescence in 246 
situ hybridization (CARD-FISH) (Pernthaler et al., 2002a). This method uses 247 
oligonucleotides probes labelled with a horse radish peroxidase (HRP) to amplify the 248 
intensity of the signal obtained from the microorganisms being studied (Schauer et al., 2012). 249 
CARD-FISH is useful when dealing with drinking water samples since it can enhance the 250 
fluorescent signal from cells in samples with low microbial concentration (Dorigo et al., 251 
2005). The method has been successfully applied to investigate changes in microbial 252 
communities in DWDS (Deines et al., 2010), to detect pathogens such as Legionella 253 
pneumophila (Aurell et al., 2004) and faecal indicators (Baudart and Lebaron, 2010). In 254 
general, FISH is not used as a stand-alone technique and is mostly used in combination with 255 
other methods to characterise microbial communities. An example of these combined 256 
techniques is high-affinity peptide nucleic acid (PNA)-FISH, useful to study pathogens in 257 
biofilms due to the enhanced capability of the probe to penetrate through the Extracellular 258 
Polymeric Substance (EPS) matrix (Lehtola et al., 2007). Another example is LIVE/DEAD-259 
FISH which combines the cell viability kit with FISH (Savichtcheva et al., 2005) and has 260 
been used to assess the efficiency of disinfection in DWDS (Hoefel et al., 2003). Despite its 261 
numerous advantages when compared with culture-dependent techniques, FISH also has 262 
several limitations. First of all, knowledge of the nucleotide sequence of the target organisms 263 
is needed and the design of new probes and the optimization of the hybridization conditions 264 
can be time consuming and complex (Sanz and Köchling, 2007). The efficiency of the 265 
hybridization might be influenced by the physiological state of the cells and, to conclude the 266 
signal emitted by auto-fluorescence cells can interfere with the signal emitted by the target 267 
microorganisms (Dorigo et al., 2005). 268 
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An alternative fast and reliable method to monitor bacterial abundance and viability of 269 
planktonic cells or cells in suspensions is flow cytometry (FC). This technique uses 270 
fluorescent dyes to stain the water samples before analysing them with a flow cytometer. The 271 
cells in solution pass through a capillary that is intersected by a laser beam, when the laser 272 
interacts with the cells this causes the light to scatter and also excite the dye, the fluorescence 273 
intensity and the scattering generated can be quantified using different detectors (Hammes et 274 
al., 2008). Different fluorescent dyes can be used to estimate total bacterial counts (Hammes 275 
et al., 2008), virus-like particles (Rinta-Kanto et al., 2004) and Cryptosporidium spp. and 276 
Giardia spp. (Vesey et al., 1993; Vesey et al., 1994; Ferrari et al., 2000) in water samples. 277 
FC provides much more realistic quantification of the total number of cells in water samples 278 
than traditional plate counts and recently has been established as a reference method in 279 
Switzerland by the Swiss Federal Institute of Aquatic Science and Technology (Eawag).  280 
However, when epifluorescence microscopy and flow cytometry are used to measure cell 281 
volume and/or estimate the viability or total cell counts of biofilms and sediments,  both 282 
methods are susceptible to errors due to the formation of cell clusters and the attachment of 283 
cells to inorganic compounds (Van der Kooij et al., 2014). 284 
3.1.2.2 PCR based methods 285 
The polymerase chain reaction (PCR) is a method used to amplify (i.e. obtain multiple 286 
copies) fragments of DNA. PCR based methods require the extraction of nucleic acids 287 
(DNA/RNA), followed by the amplification of a target gene or genes via PCR and post-PCR 288 
analysis. It is important to notice that the amplicons obtained from PCR form the basis for all 289 
the community fingerprinting techniques and next generation sequencing methods explained 290 
in the following sections of this review. The most useful PCR-based techniques to detect 291 
microorganisms in drinking water are multiplex-PCR and quantitative real time (q-PCR). 292 
Multiplex-PCR uses several oligonucleotide probes to simultaneously detect different 293 
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microorganisms and has been used in drinking water-related research to detect faecal 294 
indicators and/or pathogens (Bej et al., 1991). q-PCR is a sensitive tool to detect and quantify 295 
microorganisms in environmental samples based on quantifying the number of target gene 296 
copies present in a sample. This technique can monitor the amount of PCR product obtained 297 
during the exponential phase of the PCR reaction by quantifying a fluorescent reporter. The 298 
amount of detected reporter is then correlated with the initial amount of target template 299 
allowing the quantification of the target organism (Kubista et al., 2006). Despite the general 300 
limitations of the PCR-based techniques discussed in detail in Table 1, several studies have 301 
shown the applicability of these methods to detect viral indicators of human faecal 302 
contamination (Albinana-Gimenez et al., 2009), pathogenic bacteria such as Helicobacter 303 
pylori (McDaniels et al., 2005; Sen et al., 2007), Mycobacterium avium and Legionella sp. 304 
(Dusserre et al., 2008) and to quantify Giardia and Cryptosporidium (Guy et al., 2003).  305 
3.2 Microbial community composition 306 
The techniques discussed in this section are useful to obtain information about the microbial 307 
members of drinking water-related samples. This information is essential in order to detect 308 
pathogens, microorganisms associated with corrosion or water discolouration, to monitor 309 
biofilm formation on pipes, to assess the influence of abiotic factors on microbial 310 
communities and to compare diversity between different samples.  311 
3.2.1 Phospholipid fatty acids 312 
Phospholipid fatty acids (PLFAs) are useful to overcome the limitations of culturing 313 
techniques when assessing the microbial community composition of environmental samples. 314 
The membranes of microorganisms have phospholipids which contain fatty acids (Zelles, 315 
1999) and these can be used to obtain microbial communities fingerprints (Vestle and White, 316 
1989). This technique has been applied in drinking water research, to study biofilms 317 
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(Keinanen et al., 2004; Lehtola et al., 2004) and to detect pathogens (White et al., 2003).  It 318 
should be noted that such techniques provide a fingerprint which describes a microbial 319 
community, and hence measures and compares overall diversity but does not provide 320 
identification of specific species actually present in the samples. 321 
3.2.2 Molecular Techniques 322 
The advent of molecular techniques has enabled the characterisation of natural microbial 323 
communities without the need of culturing microorganisms and has introduced new insights 324 
into the microbial ecology of different ecosystems. Molecular analysis of samples includes 325 
the extraction and purification of DNA and/or RNA. DNA provides information of the total 326 
microbial community of the samples while RNA-based analysis represents only the active 327 
part (Kahlisch et al., 2012). The nucleic acid extraction is followed by PCR amplification of 328 
“marker genes” to obtain taxonomic information. The most commonly used marker gene in 329 
microbiological research is the ribosomal RNA (rRNA) gene, 16S rRNA for prokaryotes and 330 
18S rRNA for eukaryotes. The rRNA gene has different regions, some are highly conserved 331 
across all phylogenetic domains (i.e. bacteria, eukarya and archaea), other regions are 332 
variable between related species (Woese, 1987) and this variability allows for inferring 333 
phylogenetic information from microorganisms inhabiting different ecosystems (Prosser, 334 
2002).  335 
During recent years, to aid identification of sequences recovered from environmental 336 
samples, databases of small (16S/18S) and large subunits (23S/28S) rRNA sequences for 337 
bacteria, archaea and eukarya have been developed and are constantly expanding. SILVA 338 
rRNA database project provides good quality, aligned ribosomal RNA sequence data which 339 
is regularly updated (www.arb-silva.de). Other good databases are accessible through the 340 
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Ribosomal Database Project (RDP) (http://rdp.cme.msu.edu/) and the Greengenes database 341 
(http://greengenes.lbl.gov/cgi-bin/nph-index.cgi).  342 
An overview of the choice of primers pairs available for bacteria and archaea can be found in 343 
Klindworth et al., (2012). The authors discuss the best available primers pairs for different 344 
amplicon sizes with respect to the SILVA 16S/18S rDNA non-redundant reference dataset 345 
(SSURef 108 NR). Once the adequate primers have been selected, the resulting PCR products 346 
(i.e. amplicons) can be separated and analysed using different techniques as will be discussed 347 
in the following sections. 348 
3.2.2.1 Fingerprinting techniques 349 
Among the different molecular tools available to assess the microbial community 350 
composition of drinking water ecosystems, fingerprinting techniques are the most commonly 351 
employed. Fingerprinting techniques are particularly useful to simultaneously analyse 352 
multiple samples and to compare different microbial community structures. Denaturing 353 
gradient gel electrophoresis (DGGE) (Muyzer et al., 1993) and temperature gradient gel 354 
electrophoresis (TGGE) (Po et al., 1987) are fingerprinting techniques where specific 355 
fragments of the rRNA gene are amplified and then separated based upon their sequence 356 
composition in a denaturing polyacrylamide gel (DGGE) or using a temperature gradient 357 
(TGGE). The final result is a gel with a pattern of bands which is a visual profile of the most 358 
abundant species in the studied microbial community. This approach allows for monitoring 359 
changes in microbial communities and it can be used, similarly to other fingerprinting 360 
techniques, as a semi-quantitative method to estimate species abundance and richness 361 
(Muyzer, 1999). In addition, specific bands on the gel can be excised and sequenced for 362 
subsequent taxonomic identification. DGGE is the most cited fingerprinting method used to 363 
characterise microbial communities in drinking water. DGGE has been used to assess 364 
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opportunistic pathogens in urban drinking water biofilms (Pryor et al., 2004) to monitor 365 
biofilm formation and activity in distributions systems (Boe-Hansen et al., 2003), to study the 366 
effect of stagnation in taps (Lautenschlager et al., 2010), corrosion on cast iron pipes (Teng et 367 
al., 2008), nitrification in drinking water networks (Yapsakli et al., 2010), occurrence of 368 
fungi in biofilms (Pereira et al., 2010) and to assess bacterial water quality in real distribution 369 
systems (Sekar et al., 2012). Despite its broad application, this technique has several 370 
disadvantages; first of all handling polyacrylamide gels and obtaining the optimal denaturing 371 
conditions is highly laborious. In terms of the analysis of the gels, associating a single band 372 
with a particular species is complicated and cloning and sequencing of particular bands is 373 
ultimately needed for confirmation of results (Muyzer, 1999). Despite the use of markers on 374 
the gels, comparison of patterns across gels and the detection of rare members of the 375 
microbial community are challenging. 376 
Although used to a much lesser extent than DGGE, there are other fingerprinting techniques 377 
useful to characterise microbial communities in DWDS. Terminal restriction fragment 378 
length polymorphism (T-RFLP) is a technique based on the amplification of short 379 
fragments of a marker gene using end-labelled primers (Liu et al., 1997). The amplicons are 380 
then digested with restriction enzymes (e.g. Alu I, Cfo I, Hae III) and the digested fragments 381 
are normally separated by capillary electrophoresis. Despite being less technically laborious 382 
than techniques such as DGGE, the application of T-RFLPs in drinking water is limited  and 383 
has been used in only a few studies, for example to identify protozoa in unchlorinated 384 
drinking water (Valster et al., 2009) or to study changes in biofilm microbial communities 385 
over time in distribution systems (Douterelo et al., 2014). 386 
Amplified ribosomal DNA restriction analysis (ARDRA) (Vaneechoutte et al., 1992) is 387 
another fingerprinting tool in which amplicons of rRNA genes are digested with a set of 388 
restriction enzymes, producing a pattern of fragments representative of a given microbial 389 
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community (Heyndrickx et al., 1996). ARDRA has been used to characterise biofilms 390 
(Ludmany et al., 2006) and to identify non-tuberculous Mycobacterium (Tsitko et al., 2006). 391 
Automated ribosomal intergenic spacer analysis (ARISA) (Fisher and Triplett, 1999) is 392 
normally used to characterise fungal communities. In ARISA, the ITS regions of nuclear 393 
DNA located between the 18S (SSU) and 28S (LSU) genes are amplified using fluorescent 394 
labelled primers, then the amplicons are analysed in a sequencer to determine their size and to 395 
ultimately obtain a fingerprint of the studied microbial community. The method known as 396 
single strand conformational polymorphism (SSCP) (Orita et al., 1989) also separates 397 
amplicons as a result of variation in their sequence (Widjojoatmodjo et al., 1995). The 398 
amplicons are treated to obtain single DNA strands, which are separated via gel 399 
electrophoresis. SSCP use in drinking water is also limited but has been used for in situ 400 
genotyping of Legionella pneumophila (Kahlisch et al., 2010).  401 
In general, fingerprinting techniques are frequently used in combination with cloning and 402 
sequencing, in order to obtain specific phylogenetic information from selected samples. 403 
Despite providing interesting results, the disadvantages of these techniques are discussed in 404 
Table 1 and certainly the main drawbacks are that they require specialist equipment and can 405 
be very labour intensive. 406 
3.2.2.2. Sequencing-based approaches 407 
Cloning and sequencing is the conventional and more widespread genomic approach used 408 
when detailed and accurate phylogenetic information from environmental samples is 409 
required. The method involves the extraction of nucleic acids, amplification of the rRNA 410 
gene with suitable primers and the construction of clone libraries using sequencing vectors 411 
(Rondon et al., 2000). Selected clones are then sequenced (Sanger-based) (Sanger et al., 412 
1977) and the nucleotide sequence of the rRNA gene retrieved, allowing estimates of the 413 
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microbial diversity in the samples by comparison with sequences available in databases (e.g. 414 
GenBank, EMBL and Silva). The generation of DNA clone libraries followed by sequencing 415 
has being extensively applied in drinking water microbiology, a selection of these 416 
applications are discussed in brief. This method has been used to study long term succession 417 
in biofilms (Martiny et al., 2003), disinfection efficiency (Hoefel et al., 2005), nitrifier and 418 
ammonia-oxidizing bacteria in biofilms (Lipponen et al., 2004), to characterise the 419 
microorganisms present in red water events (Wullings and van der Kooij, 2006) and to detect 420 
Bacteroidetes in unchlorinated water (Saunders et al., 2009).  421 
The approach known as metagenomics, involves sampling the entire genome of an 422 
environmental sample in order to obtain sequence information from the microorganisms 423 
contained in it and to ultimately make taxonomic assignments to characterise them. A 424 
sequencing-based approach useful to sequence the entire genome and characterise microbial 425 
communities in environmental samples is known as shot gun sequencing. Genomic DNA is 426 
cut into smaller fragments; these fragments can be sequenced individually and then 427 
reassembled into their original order in the genome, based on sequence overlaps, to obtain the 428 
complete genome sequence. Environmental genome shotgun sequencing has been used in 429 
ocean water to assess the diversity and relative abundance of organisms (Venter et al., 2004). 430 
To our knowledge this molecular approach has not been used to explore drinking water 431 
ecosystems but we consider that its application might bring new insights into the microbial 432 
ecology of DWDS. 433 
Independently of the sequencing approach employed, taxonomic assignments of the 434 
sequences are typically identified using search algorithms such as the Basic Local Alignment 435 
Search Tool (BLAST) (Altschul et al., 1990), sequences are also aligned, clustered and 436 
phylogenetic trees are constructed using software such as MEGA (Tamura et al., 2011), 437 
PHYLIP (Felsenstein, 1989) and ARB (Ludwig et al., 2004).  438 
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Despite being enormously successful, cloning and sequencing approaches are very expensive 439 
and time consuming and since the introduction of next generation sequencing (NGS) 440 
techniques their use has declined substantially. In the last decade, the use of NGS has 441 
incredibly enhanced the understanding of the microbial ecology of different ecosystems. The 442 
NGS platforms have improved the depth of sequencing since they can produce thousands of 443 
short reads in a single run allowing for the detection of less abundant members of microbial 444 
communities (Metzker, 2010). In addition, the use of high-throughput sequencing techniques 445 
avoids the need of the laborious and time consuming steps in conventional cloning and 446 
sequencing. However, NGS techniques provide sequence information with a limited base pair 447 
length (max ~600 bp) and, despite increases in read lengths as these technologies advance, 448 
phylogenetic comparisons are based on shorted sequences when compared with conventional 449 
Sanger sequencing (max ~1500 bp).  This restriction might result in less accurate gene 450 
annotation and overestimation of microbial richness in samples. In addition, it should be 451 
noticed that the resolution of NGS methods is currently too low to identify microorganisms to 452 
the species level. The most frequently used NGS platforms are Roche 454 and 453 
Illumina/Solexa. Nowadays, Illumina is replacing Roche 454 as the sequencing method of 454 
choice for most of microbial-related studies. While Illumina yields shorter reads than Roche 455 
454, the sequencing error of both platforms is comparable and Illumina is much cheaper than 456 
454 (Luo et al., 2012).  457 
Several bioinformatics software and analysis tools are available to analyse the numerous 458 
sequences reads obtained from NGS runs, the most useful ones are MOTHUR (Schloss et al., 459 
2009), QIIME (Quantitative Insights Into Microbial Ecology) (Caporaso et al., 2010) and the 460 
pyrosequencing  pipeline in the Ribosomal Database Project (RDP) (Cole et al., 2009). The 461 
use of these high throughput sequencing techniques in drinking water is constantly 462 
increasing, recent studies have used pyrosequencing to characterise bacterial communities 463 
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from impellers retrieved from customer water meters (Hong et al., 2010), in membrane 464 
filtration systems from a drinking water treatment plant (Kwon et al., 2011), to assess the 465 
influence of hydraulic regimes on bacterial community composition in an experimental 466 
distribution system (Douterelo et al., 2013) and to assess the influence of different 467 
disinfectant regimes on microbial community dynamics (Gomez-Alvarez et al., 2012; Hwang 468 
et al., 2012). With sequencing costs decreasing, NGS is enabling an increasing number of 469 
laboratories to taxonomically (and functionally) classify a wide range of the organisms that 470 
are present in drinking water.  471 
3.3 Microbial activity and analysis of functional genes 472 
Studying the structure and composition of microorganisms in environmental samples is 473 
important; however, the understanding of their activity and function is vital to get a complete 474 
picture of the microbial ecosystems. Linking the presence of microorganisms to specific 475 
biochemical or physical processes is an ultimate goal in any environmental microbial 476 
research. The methods described in this section can help to assess the viability and stability of 477 
microbial communities in response to specific treatments or conditions or to study specific 478 
processes such as corrosion, discolouration or denitrification in distribution systems. 479 
3.3.1 Estimation of biomass 480 
Two methods widely used in drinking water research to estimate biomass and bacterial 481 
growth are the quantification of adenosine triphosphate (ATP) and of assimilable organic 482 
carbon (AOC) respectively. ATP quantification enables active microbial biomass to be 483 
measured (van der Wielen and van der Kooij, 2010). Briefly, cellular ATP reacts with a 484 
luciferin-luciferase complex, the luminescence produced in this reaction is proportional to the 485 
concentration of ATP, which is then correlated to the quantity of biomass in the sample 486 
(Hammes et al., 2010). Nowadays, ATP can be easily assessed using the BacTiter-GloTM 487 
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Microbial Cell Viability Assay (Promega, UK), which allows quantification of several 488 
samples simultaneously using a microplate reader. This method is fast, low-cost and easy to 489 
perform, thus is an ideal tool for monitoring purposes. The use of ATP is well-established in 490 
drinking water-related research and is used as a relievable method to estimate microbial 491 
activity (Hammes et al., 2010). Numerous studies have successfully used this technique to 492 
assess microbial viability and the biological stability of water in DWDS (Lehtola et al., 2002; 493 
Berney et al., 2008; Hammes et al., 2008; Lautenschlager et al., 2013). AOC is widely used 494 
in drinking water research to assess growth of heterotrophic bacteria in water (van der Kooij, 495 
1992). Hammes and Egli (2005) developed a new and faster AOC method using natural 496 
microbial communities as inoculum and flow cytometer to estimate cell counts in water 497 
samples. The method has been used to test the influence of disinfectant on microbial growth 498 
in distribution systems (Choi and Choi, 2010; Ohkouchi et al., 2013) and for assessing the 499 
potential growth of biofilms on different pipe material (Zacheus et al., 2000; Liu et al., 2002).  500 
ATP and AOC methods have been tested in order to assess the biological stability of drinking 501 
water, which is defined as the inability of water or a material in contact with water to support 502 
microbial growth (Delft et al., 2010; Liu et al., 2013) and implies that the concentration of 503 
cells and the microbial community composition should not change during water distribution 504 
(Lautenschlager et al., 2014). Most of the research related to biological stability is focused on 505 
estimating the potential microbial activity in water and/or in particle-associated bacteria (i.e. 506 
associated to suspended solids and loose deposits) (Liu et al., 2014). In general, the AOC 507 
method has several limitations; i) assumes that bacterial growth is limited by organic carbon, 508 
ii) quantifies available nutrients instead of bacteria and iii) depends on the type of bacteria 509 
used (Liu et al., 2013). Due to these limitations, it has been considered that the potential 510 
contribution of nutrients and biomass contained by loose deposits is overlooked when using 511 
this method (Liu et al., 2013). ATP has been used to quantify the bacteria from different 512 
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phases of an unchlorinated DWDS, including bulk water, pipe wall biofilm, suspended solids, 513 
and loose deposits (Liu et al., 2014). The study concludes that bacteria associated with loose 514 
deposits and pipe wall biofilm accumulated in the DWDS accounted for over 98% of the total 515 
bacteria. However, when using ATP to study particle–associated microorganisms it is 516 
necessary to perform some pre-treatment to the samples to detach the microorganisms into 517 
suspension for further analysis (Liu et al., 2013).  518 
In general, ATP and AOC quantification methods can be used in combination with other 519 
techniques, such as flow cytometry, to enable better insights into the response of microbial 520 
communities to specific treatments or conditions (Vital et al., 2012) or to predict changes in 521 
their stability in response to different factors (Lautenschlager et al., 2013). 522 
3.3.2 Functional genes 523 
The study of functional genes involved in metabolic and catabolic pathways is essential when 524 
attempting to link microbial diversity with specific ecological functions. In drinking water 525 
research, better knowledge of the role of microorganisms in processes such as biofilm 526 
formation, disinfection efficiency, water discolouration and corrosion is without doubt 527 
required. 528 
The molecular approach known as metatranscriptomics is based on the study of actively 529 
transcribed ribosomal and messenger RNA (rRNA and mRNA) and facilitates linking 530 
specific functions to certain members of a microbial community. Routinely, the first step is 531 
the extraction of RNA from a sample. This maybe a challenging process since RNA degrades 532 
easily outside the cells due to its short-half life and to the presence of RNAases. For an 533 
accurate estimation of gene expression, it is also important that the extracted RNA is free of 534 
contaminating DNA and inhibitors (Bustin et al., 2009). After RNA extraction, 535 
complementary DNA (cDNA) is synthesized from RNA by reverse transcription (RT) using 536 
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random or specific primers (Sharkey et al., 2004) and the resulting cDNA can then be used to 537 
measure the expression of functional genes by for example real time-PCR (RT-PCR) or 538 
functional microarrays. 539 
RT-PCR can be applied to study changes in expression of particular genes in response to 540 
different treatments (e.g. disinfection strategies) and/or changes in environmental conditions 541 
(e.g. pH, temperature and hydraulic regimes). RT-PCR is highly sensitive, accurate and 542 
allows the analysis of several samples and the use of different functional genes 543 
simultaneously on the same experiment. In drinking water research, RT-PCR has been mainly 544 
applied to quantify and to monitor the expression of genes involved in particular metabolic or 545 
catabolic pathways such as amoA genes to study ammonia oxidising bacteria and archaea in 546 
distribution systems (Hoefel et al., 2005; van der Wielen et al., 2009), dsrB genes to study 547 
sulphate reducing bacteria (Li et al., 2010) and the nirS gene to assess the distribution of 548 
denitrifiers in a water well field (Medihala et al., 2012).  549 
The application of functional microarrays enables assessment of the overall gene 550 
expression of a microbial community. In microarrays, oligonucleotides probes targeting 551 
functional genes are immobilized on solid supports (chips) and arranged spatially in a known 552 
pattern, the subsequent hybridization between the target cDNA, labelled with a fluorescent 553 
dye, and the oligonucleotides on the chip indicates that the gene has been transcribed 554 
(Sharkey et al., 2004). With this technique patterns of hybridization are obtained and the 555 
intensity of the fluorescence is proportional to the gene expression (Gilbride et al., 2006). 556 
GeoChip is an example of a functional gene array (He et al., 2007), the last developed array 557 
of this type GeoChip4.0 contains 120,054 distinct probes, covering 200,393 coding sequences 558 
(CDS) for genes involved in different processes (e.g. biogeochemical cycles of carbon, 559 
nitrogen and phosphorus). The main advantage of using microarrays is that the expression of 560 
thousands of mRNAs can be assessed simultaneously. However, most of the arrays are 561 
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normally developed using genes and metabolic pathways obtained from laboratory isolates 562 
and when microarrays are applied to environmental samples sequence divergence can affect 563 
hybridization leading to erroneous interpretations (Wilmes and Bond, 2006). Other 564 
limitations of microarrays to be aware of are low specificity in some cases and that mRNA 565 
expression and protein expression are not always directly correlated (Pradet-Balade et al., 566 
2001). Despite the high potential of this technique for assessing functionality of microbial 567 
communities, the use of microarrays has not yet been explored for this purpose in drinking 568 
water research. 569 
3.3.3 Proteomics 570 
Proteomics is a discipline focused on the identification of proteins and metaproteomics can 571 
be defined as the characterisation of the entire protein complement of a microbial community 572 
(Wilmes and Bond 2006). Protein expression can be directly associated with specific 573 
microbial activities. The fundamental steps in proteomics investigations are protein 574 
extraction, separation and/or fractioning, identification and quantification (Siggins et al., 575 
2012). Traditionally, proteins are visualised and separated in a two dimensional 576 
polyacrylamide gel electrophoresis (2D-PAGE) then digested with enzymes and identified by 577 
mass spectrometric (MS) analysis (Schneider and Riedel, 2010). However, 2D-PAGE gels 578 
have several limitations, to name a few; they are highly laborious, proteins can co-migrate in 579 
the gel and some proteins such as membrane proteins, proteins with extreme molecular 580 
weights or isoelectric points are difficult to separate (Schneider and Riedel, 2010). 581 
Alternatively, proteins can be separated by liquid chromatography (LC). The combined 582 
approach using LC-MS has become widely used in environmental proteomics and the use of 583 
2D-PAGE gels has currently decreased. Furthermore, the use of gel-free protein fractions has 584 
been recommended when possible since they provide higher levels of protein identification 585 
when compared with gel-based methods (Siggins et al., 2012). Ultimately, the mass 586 
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spectrophotometer generates a peptide sequence or a peptide mass fingerprint (PMF) which 587 
can be compared with available databases. If sequencing data is not available, proteins can be 588 
identified from their corresponding de novo peptide sequences by means of a protein BLAST 589 
(BLASTp) (Wilmes and Bond, 2006; Pandhal et al., 2008). 590 
 Recently, protein identification has been facilitated by the development of NGS and new 591 
metagenomic sequences databases. Additionally, quantitative proteomics and the MS-based 592 
quantification method can be used to quantify microbial activities across different 593 
environmental or operating conditions. This approach is based on the use of stable isotopes as 594 
mass-tags to label proteins, the tags can then be identified and quantified by the MS 595 
(Bantscheff et al., 2007). Although de novo peptide sequences can be used for protein 596 
identification, the main limitation of metaproteomics is that it relies on genomic or 597 
metagenomics sequence data, which is used to identify proteins. As a consequence, it cannot 598 
be used as a ‘stand-alone’ method. To the best of our knowledge, metaproteomics has not yet 599 
been applied in microbial research in DWDS. However, it has been successfully used to 600 
investigate microbial community functions in other aquatic ecosystems such as marine 601 
environments (Morris et al., 2010), freshwater ecosystems (Lauro et al., 2011) and biofilms 602 
from an acid mine drainage (Denef et al., 2009; Denef et al., 2010; Mueller et al., 2010) 603 
which shows the potential for functional analysis using metaproteomics in DWDS in the 604 
future. 605 
3.3.4 Metabolomics 606 
Metabolomics studies the metabolome which includes cell metabolites that are produced or 607 
consumed as a result of biological activity (Beale et al., 2013). Within metabolomics, 608 
metabolic footprinting focuses on the analysis of extracellular metabolites which can provide 609 
information on functional genomics and on cell to cell communication mechanisms (Mapelli 610 
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et al., 2008). This methodology can be used to monitor the presence and/or microbial 611 
mediated processes in DWDS since it allows associating specific metabolite profiles with 612 
different microorganisms (Beale et al., 2010). Profiles of intracellular and extracellular 613 
metabolites associated with microbial activity can be obtained using techniques such as gas 614 
chromatography-mass spectrometry (GC-MS). GC–MS approaches have been used to 615 
study microbial influenced corrosion. Beale et al., (2012), used GC-MS to obtain specific 616 
metabolic markers in order to discriminate between water samples and to identify those 617 
exposed to bacteria involved in pipe corrosion. In another study, Beale et al., (2010) applied a 618 
metabolomics approach to also study pipe corrosion and were able to observe using 3D 619 
fluorescence spectroscopy the ‘protein-like’ fluorophore associated with presence of bacteria 620 
in water collected from corroded pipes and cross reference this with derivatised fatty acid 621 
metabolites using GC–MS analyses of the same water. Using samples from flushing a water 622 
main Beale et al., (2012), demonstrated the effectiveness of metabolomics to study biofilms 623 
in DWDS using also GC-MS, the chemometric analysis of the chromatograms in 624 
combination with mass spectrometer data allowed differentiating between biofilms from 625 
different pipe materials and planktonic bacteria. The same author, Beale et al., (2013) has 626 
also showed that a metabolomics approach can be used to rapidly (less than 24 h) detect and 627 
quantify viable and non-viable Cryptosporidium oocysts in water samples. In this research, 628 
the authors used a chemometric approach to analysing information obtained from 629 
chromatographic and mass spectral data to identify and quantify excreted metabolites from 630 
Cryptosporidium oocysts and found that a number of key metabolite features including 631 
aromatic and non-aromatic amino acids, carbohydrates, fatty acids, and alcohol type 632 
compounds were able to explain the difference between the viable and non-viable oocysts in 633 
water samples. 634 
3.3.5 Other functional techniques and combined approaches 635 
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Other molecular techniques which can be useful to investigate functionality in microbial 636 
ecosystems are environmental shot gun sequencing, stable isotope probing (SIP) and 637 
RNA-FISH. As explained in detail in a previous section, random environmental shot gun 638 
sequencing randomly samples sequencing data from fragmented DNA/RNA from an 639 
environmental sample (Eisen, 2007), allowing determination of the metabolic capability of a 640 
microbial community (Allen and Banfield, 2005). SIP, enables determination of the 641 
microbial diversity associated with specific metabolic pathways (Radajewski et al., 2000) and 642 
has been generally applied to study microorganisms involved in the utilization of carbon and 643 
nitrogen compounds. The substrate of interest is labelled with stable isotopes (13C or 15N) and 644 
added to the sample, only microorganisms able to metabolise the substrate will incorporate it 645 
into their cells. Subsequently, 13C-DNA and 15N-DNA can be isolated by density gradient 646 
centrifugation and used for metagenomic analysis. Manefield et al., (2002), suggest that 647 
RNA-based SIP could be a more responsive biomarker for use in SIP studies when compared 648 
to DNA, since RNA itself is a reflection of cellular activity (independent of replication) and 649 
because synthesis rates are higher for RNA than for DNA. To our knowledge SIP has not 650 
been applied to DWDS research however it has been used to assess hydrocarbons and oil 651 
contamination in aquifers (Busch-Harris et al., 2008; Winderl et al., 2010). 652 
Methods such as Bromodeoxyuridine (BrdU) incorporation, microautoradiography-653 
FISH, Raman-FISH and isotope array provide further insights into the metabolic activities 654 
of the microorganisms. BrdU incorporation is a non-radioactive approach that provides 655 
information of active and DNA synthesizing cells, when used in combination with FISH 656 
gives the identity and activity of targeted cells (Pernthaler et al., 2002b).  The combination of 657 
BrdU magnetic bead immunocapturing and DGGE analysis have facilitated the exploration of 658 
the phylogenetic affiliations of DNA-synthesizing and active bacteria (Hamasaki et al., 659 
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2007), such methods could be used to study the viability of bacteria in drinking water during 660 
treatment processes.   661 
Microautoradiography (MAR) is a radioactive approach used in combination with FISH 662 
(MAR-FISH) to reveal the physiological properties of microorganisms with single-cell 663 
resolution (Wagner et al., 2006). MAR-FISH provides information on total cells, probe 664 
targeted cells and the percentage of cells that incorporate a given radiolabelled substance 665 
(Ouverney and Fuhrman, 1999). This method has been widely applied to study the structure 666 
and function of microbes in freshwater and marine ecosystems including biofilms (Lee et al., 667 
1999; Nielsen et al., 2003; Kindaichi et al., 2004a). The method provides a picture of the in 668 
situ function of targeted microorganisms and is an effective approach to study the in vivo 669 
physiology of microorganisms in biofilms (Ginige et al., 2004). Lee et al. (1999) developed a 670 
microscopic method in combination with FISH and MAR for simultaneous determination of 671 
identities, activities and substrate uptake by specific bacterial cells in complex microbial 672 
assemblages. Kindaichi et al. (2004) used this approach to study the ecophysiological 673 
interaction between nitrifying bacteria and heterotrophic bacteria in biofilms. Such a study is 674 
relevant for drinking water as chlorination of water has been found to promote the growth of 675 
nitrifying bacteria (Eichler et al., 2006).  Nielsen et al. (2003) developed a new technique for 676 
quantification of cell-specific substrate uptake in combination with MAR-FISH known as 677 
QMAR (quantitative MAR).  678 
Most of the techniques explained above have not been widely used in drinking water 679 
microbiology and the lack of knowledge regarding the function of certain microorganisms in 680 
drinking water ecosystems could be addressed with these. Therefore, it is likely that in the 681 
near future the techniques discussed here will be explored and optimised to study in more 682 
detail the role of certain microorganisms in DWDS. 683 
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3.4 Biofilms and species interaction 684 
Most of the microorganisms inhabiting DWDS are attached to the pipe surface forming 685 
biofilms (Flemming et al., 2002). The resistance of biofilms to disinfection and the difficulty 686 
of controlling their growth in distribution networks are common themes for research groups 687 
and water companies around the world. There are numerous studies regarding biofilm 688 
response to different chemicals and disinfectant strategies, most of them using bench top 689 
reactors and single species biofilms (Gagnon et al., 2005; Murphy et al., 2008; Simoes et al., 690 
2010b). However, a better understanding of the physico-chemical structure of biofilms, and 691 
of the mechanisms regulating its formation such as adhesion and coaggregation, in DWDS is 692 
needed and fundamental to improve and/or develop control and management strategies. 693 
3.4.1 Cell adhesion 694 
The process of biofilm formation is initiated by attachment of planktonic cells to the pipe 695 
surfaces (Simoes et al., 2007). Bacterial adhesion is affected by environmental conditions in 696 
the network (e.g. hydraulic forces, disinfectant regime, pipe material) and by intrinsic 697 
characteristics of the cells such as hydrophobicity, surface charge, production of 698 
polysaccharides and cell motility (Li and Logan, 2004; Simoes et al., 2010b). Different 699 
parameters can be used to estimate the potential of cell adhesion, for example measurements 700 
of cell hydrophobicity, electrostatic potential and the thermodynamic potential of the cell 701 
(Van Loosdrecht et al., 1987; Simoes et al., 2007). Adhesion to surfaces is often mediated by 702 
hydrophobic interactions; often measured by angle contact measurements (Cerca et al., 703 
2005). The method was initially described by Busscher et al. (1984) and has been used to 704 
study adhesion to surfaces mainly by clinically relevant microorganism such as Pseudomonas 705 
aeroginosa (Pasmore et al., 2002) and Mycobacterium avium (Steed and Falkinham, 2006). 706 
This method has been also used to study the potential of bacteria isolated from drinking water 707 
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to adhere to different materials (Simoes et al., 2007; Simoes et al., 2010a). However, it has 708 
been suggested that to accurately predict bacterial adhesion the surface charge of the bacterial 709 
cell needs also to be incorporated in adhesion models (Van Loosdrecht et al., 1987). 710 
Habitually, to assess the cell surface charge the zeta potential is determined by measuring 711 
the electrical potential of the interface between the aqueous solution and the stationary layer 712 
of the fluid attached to the cell (Karunakaran et al., 2011). The zeta potential has been 713 
measured to assist in determining the potential for adhesion of drinking water-isolated 714 
bacteria to polystyrene (Simoes et al., 2010a). Soni et al. (2008) showed that the zeta 715 
potential among selected drinking water bacteria (i.e. Pseudomonas spp., E. coli and 716 
Salmonella spp.) varies depending on their physiological state.   717 
Nowadays, spectroscopy techniques such as RAMAN, Fourier-transformed infrared (FTIR), 718 
and X-ray photoelectron are preferred options to study the chemical characteristics of 719 
bacterial cell surfaces in biofilm-related research (Karunakaran et al., 2011). These 720 
techniques are discussed in section 3.4.4 Biochemical composition and visualization. 721 
3.4.2 Coaggregation 722 
Once the substratum is colonised by microorganisms, cells will grow and produce EPS, 723 
microcolonies will develop and coadhesion and coaggregation of different bacterial cells will 724 
contribute towards the development of a multi species biofilm (Rickard et al., 2003). In the 725 
process known as coaggregation (cell to cell interactions), single species cells and multiple 726 
microbial species will interact and become attached to each other (Rickard et al., 2003). 727 
 The most commonly used method to study coaggregation in biofilms is the visual 728 
coaggregation assay. This technique involves mixing, generally in pairs, planktonic batch 729 
cultures of specific bacteria and assessing the degree of coaggregation visually in a semi-730 
quantitative way (Cisar et al., 1979). If the mechanism of cell-cell recognition occurs, cells 731 
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will form coaggregates that will tend to settle out, giving different levels of turbidity in the 732 
medium (Simoes et al., 2008). The visual aggregation assays use a subjective scoring criteria 733 
based on the method developed by Cisar et al. (1979) to assess the degree of coaggregation 734 
between species. Values ranging from 0 (no coaggregation) to 5 (large flocs of coaggregates 735 
settle down and leave a clear supernatant) are assigned to the biofilm cultures to subjectively 736 
classify the level of coaggregation. However, the subjectivity of this method can make 737 
accurate comparisons between studies difficult.  738 
Bacterial coaggregates can also be visualised using DAPI (total cell counts) or LIVE/DEAD 739 
(viability) stains in combination with fluorescence microscopy (for details see 3.1.2.1 740 
Microscopy methods). Growth rates of different combinations of bacteria isolated from 741 
drinking water can be monitored over time using microtiter plates with R2A as a medium 742 
and inoculating the plates with the cell suspensions to study (Stepanovic et al., 2000). If 743 
coaggregation occurs the biofilm will grow changing the initial optical density of the medium 744 
which can be detected using spectrophotometry. Biofilms can also be stained with crystal 745 
violet to quantify changes in biofilm mass during the process of coaggregation (Simoes et al., 746 
2010a).  747 
These methods have been useful to study coaggregation between species isolated from 748 
drinking water biofilms (Simoes et al., 2008, 2010a; Giao et al., 2011; Ramalingam et al., 749 
2013). Most of these techniques have been applied to study biofilms under laboratory 750 
conditions at a bench top scale and cannot be applied in situ to biofilms attached to drinking 751 
water networks. However, compared with molecular-based techniques, coaggregation assays 752 
are relatively cheap, easy to perform and results can be obtained in short periods of time.  753 
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Molecular-based techniques have also been applied to study coaggregation. Mutants 754 
defective in genes associated with cell-cell interactions have been used in biofilm research to 755 
discover their function in the process of coaggregation (Davey and O'Toole, 2000). 756 
3.4.3 Quorum Sensing 757 
The biochemical process of cell to cell communication known as quorum sensing (QS) 758 
plays an important role in initial cell attachment to surfaces and in the control of biofilm 759 
growth. QS systems are also involved in polysaccharide synthesis, microbial adherence, cell 760 
division and motility (Lazar, 2011). Molecular techniques such as RT-PCR have been used 761 
to study the expression of genes involved in QS (e.g. the QscR regulon, gene HapR), but 762 
mainly applied to pathogenic species such as Pseudomonas aeruginosa (Lequette et al., 763 
2006) and Vibrio cholerae (Liu et al., 2007). Microscopy techniques such as confocal laser  764 
scanning microscopy (CLSM) are also useful to monitor morphological changes in biofilms 765 
and have been applied to study the formation of biofilms by pathogenic bacteria with 766 
mutations in QS genes (Purevdorj et al., 2002; Cole et al., 2004; Huang et al., 2009). QS 767 
processes are directly involved in inhibition or promotion of biofilm growth, consequently a 768 
better understanding of these mechanisms would contribute to control or prevent the negative 769 
consequences of biofilm growth. Due to the complexity of interactions between signalling 770 
molecules in multi-species biofilms, most QS research has been based on the study of a 771 
limited number of bacterial species, isolated from model drinking water systems and 772 
generally developed under laboratory conditions. As a consequence, the main drawback of 773 
these coaggregation and cell-to-cell techniques is that they ignore the actual diversity of real 774 
biofilms and the ecological complexity of DWDS. Future research should address this 775 
complexity using new -omics technologies, for example combining metagenomics and 776 
proteomics. 777 
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3.4.4 Biochemical composition and visualization 778 
The biochemical composition of biofilms, particularly the EPS matrix components (i.e. 779 
carbohydrates, proteins, lipids and cells) may be quantified and evaluated via chemical assay 780 
techniques or microscopy based approaches. In order to apply chemical assays it is necessary 781 
to first isolate the EPS from the cellular fraction of the biofilm and ensure the isolate is free 782 
from intracellular contaminants due to cell lysis; a wide array of extraction and cell lysis 783 
detection methods are available, the most common of which are summarised in Table 2. 784 
Several authors have compared different extraction techniques (Jahn and Nielsen, 1995; 785 
D’Abzac, 2010) but no single method has been found to be consistently the most efficient, 786 
generally varying with the sample origin and methodology applied. Michalowski et al. (2009; 787 
2010), evaluated several EPS extraction techniques using biofilms grown in a reactor fed with 788 
drinking water and showed that a cation exchange resin (CER) based protocol was the most 789 
efficient method. 790 
Extraction processes facilitate the use of biochemical assays to quantify protein 791 
concentrations using, for example, the Bradford method (Bradford, 1976) or Lowry (1951) 792 
based approaches (see Table 2). Carbohydrates may be quantified using a glucose assay kit 793 
(Karunakaran and Biggs, 2011), the phenol-sulfuric method described by DuBois et al. 794 
(1956) or the anthrone method proposed by Trevelyan et al. (1952), see Table 2 for more 795 
details. Extraction and chemical analysis is most successful when applied to well-developed 796 
biofilms with a maximum biomass. This is not an issue when biofilms are grown under 797 
idealised laboratory conditions, but when working with drinking water biofilms developed 798 
under more realistic conditions, which often have a lower biomass; these extractions methods 799 
may be less useful. For instance, Michalowski et al. (2009; 2010) successfully used these 800 
techniques with 14 day old drinking water biofilms from a reactor but their application to 28 801 
day old biofilms from a full scale DWDS facility produced unreliable, inconsistent results 802 
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(Fish, 2013). With extraction based processes more detail chemical-species analysis, via 803 
PAGE gels and protein sequencing, can be obtained using the same EPS isolates as used for 804 
evaluation of biochemical concentration. However, these techniques also require the sample 805 
to be physically disturbed; consequently the localisation of different biochemical components 806 
within the biofilm cannot be evaluated.  807 
Non-invasive microscopy techniques offer a way to overcome some of the limitations of 808 
extraction techniques, providing the possibility of monitoring, quantifying and visualising 809 
cells and other biofilm components in situ, without perturbing their structure. Confocal laser 810 
scanning microscopy (CLSM), in combination with different fluorescent dyes, is a common 811 
and useful approach for biofilm-related research. A range of fluorescent dyes can be used to 812 
detect and quantity different biofilm components. Some of the most commonly used ones are: 813 
DAPI for cells, Syto-60 and Syto-84 for nucleic acids, FITC and Sypro red for proteins, Nile 814 
red for lipids, and concanavalin A (ConA) labelled with Alexa fluor 488 for carbohydrates 815 
(Johnsen et al., 2000; Yang et al., 2006). The method based on the Green Fluorescent Protein 816 
(GFP) is widely used to detect specific bacterial cell types within biofilms (Wouters et al., 817 
2010). To analyse confocal images different software is available such as DAIME (Digital 818 
Image Analysis in Microbial Ecology) (Daims et al., 2006), COMSTANT (Heydorn et al., 819 
2000) and IMARIS (Bitplaine, St Paul, MN) which are particularly helpful to analyse 3D 820 
images and quantify Z-stacks (Hall-Stoodley et al., 2008).  821 
Fluorescent staining and CLSM have been successfully used to assess the EPS carbohydrates 822 
and proteins of flocs (Schmid et al., 2003), granules (McSwain et al., 2005) and single-823 
species cultured biofilms (Chen et al., 2007; Shumi et al., 2009). However, within a drinking 824 
water context, the scope of CLSM analysis is generally limited to the study of cells and 825 
carbohydrates, or targeting carbohydrates and proteins separately, using different samples 826 
(Ivleva et al., 2009).  Wagner et al. (2009) analysed biofilms from a wastewater fed reactor 827 
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using two dual combinations of fluorophores to target carbohydrates/cells of one sample, 828 
followed by the proteins/cells of another. Conversely, Fish et al., (2011) demonstrates the 829 
application of a triple stain combination, CLSM and digital image analysis to concurrently 830 
visualise and quantify the carbohydrates, proteins and cells, of multi-species biofilms from a 831 
full scale DWDS. The use of fluorescent microscopy to study biofilms is restricted by the 832 
excitation wavelengths of the lasers available at the given imaging facility and the 833 
amalgamations of stains which can be separated using these laser combinations. While this 834 
approach does not enable the detailed analysis of chemical-species possible with the 835 
extraction processes, fluorescent staining and imaging techniques may be favoured as they 836 
enable visual investigations of the 3D arrangement of the biochemical compounds, as well as 837 
quantification.  838 
Another useful technique to visualise biofilms is scanning electron microscopy (SEM), this 839 
has been used to obtain 3D images of biofilms on surfaces of drinking water networks 840 
(Hammes et al., 2011). However, the samples for SEM need to be processed (i.e. fixed, 841 
dehydrated and coated with a conductive material) before they can be visualized which can 842 
create artefacts or the partial destruction of the biofilm structure (Bergmans et al., 2005). 843 
Alternatively, environmental scanning electron microscopy (ESEM) may be used, for 844 
which samples do not require processing, however, the maximum magnification obtained is 845 
less than with conventional SEM (Donald, 2003). It should be noted that both SEM and 846 
ESEM provide purely qualitative analysis, unlike CSLM or a technique termed X-ray 847 
photoelectron spectroscopy, which provides direct chemical analysis of the surfaces of 848 
microbial cells (Rouxhet et al., 1994) and can be used to investigate environmental samples 849 
under realistic conditions (Bluhm et al., 2006). Techniques, such as transmission electron 850 
microscopy (TEM) and scanning transmission X-ray microscopy (STXM) were 851 
successfully used by Lawrence et al. (2003) to map the distribution of lipids, polysaccharides, 852 
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proteins, and nucleic acids within riverine biofilms. However, no references are available 853 
regarding the application of these approaches to drinking water samples. Several studies have 854 
also applied fourier-transform infrared spectroscopy (FTIR spectroscopy) to obtain in 855 
situ biochemical and physiological information on biofilms and to monitor and map changes 856 
during their development (Quiles et al., 2010; Naz et al., 2013). The main disadvantage of 857 
FTIR is that biofilm samples need to be dried before they can be analysed, which can have 858 
similar impacts upon sample integrity as the processing required for SEM.  859 
The use of raman microscopy (RM) can overcome the problem of post-image processing 860 
since hydrated biofilm samples can be used (Karunakaran et al., 2011) and detailed chemical 861 
composition data can be obtained (Ivleva et al., 2009; Wagner et al., 2009). RM has been 862 
used in conjunction with CLSM to investigate the influence of hydrodynamic conditions on 863 
the chemical composition of wastewater biofilms (Iveleva et al., 2009; Wagner et al., 2010) 864 
and to identify bacterial species (Beier et al., 2010). Wagner et al. (2009) successfully 865 
applied the method using wastewater biofilms older than a month and it is unrealistic to 866 
expect that similar results can be obtained with drinking water biofilms given the low 867 
microbial content of drinking water in comparison to wastewater. Wagner et al. (2010) also 868 
concluded that RM is a slow, laborious method, which can promote photo bleaching of the 869 
samples, therefore it is suggested for RM to be used more widely in biofilm research, which 870 
should improve the technology.  871 
Despite the array of technical advances in methods used to assess biofilm biochemical 872 
composition or distribution, the processes driving the expression or production of different 873 
cell biochemical components or how these are regulated at a genetic level, remain unknown. 874 
Further research to fill this knowledge gap will be needed to understand, for example the 875 
physiological differences of biofilm bacteria from that of their planktonic counterparts 876 
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(Karunakaran et al., 2011) or the influence of environmental parameters upon their gene 877 
expression and activity. 878 
4. Application and integration to better inform understanding and management of 879 
drinking water distribution systems  880 
There is, arguably, a tendency to overlook the changes in water quality that can and does 881 
occur within DWDS. There is a reliance that the high quality water produced from modern 882 
water treatment works will not be deteriorated to an unacceptable level. However, we know 883 
that DWDS are not inert transport systems; complex physical, chemical and microbiological 884 
processes take place between the source and the consumer’s tap. 885 
Understanding and predicting bulk water changes within the DWDS can help secure potable 886 
water quality. Research and practice in this area is often led by the transfer and application of 887 
latest treatment work derived process science that is starting to utilise some of the tools and 888 
techniques presented here. However, it is known that the changes occurring within DWDS 889 
are influenced and often dominated by the interface between the pipe infrastructure and the 890 
bulk water (Sekar et al., 2012). It is increasingly accepted that microbial communities are 891 
ubiquitous at this interface and that biofilms are the dominant source of DWDS organic 892 
matter. Despite this, we lack applicable understanding of the microbial communities at the 893 
pipe wall interface, particularly with respect to their impact on water quality and, conversely, 894 
how the environmental conditions of the DWDS impact on the community. 895 
The methods presented here facilitate research aiming to quantify the microbial community, 896 
evaluate microbial diversity and determine the potential function of those microorganisms 897 
present (including the potential to harbour pathogens). Ultimately, this research offers an 898 
assessment of the impact of the microbial ecology upon water quality and asset management 899 
It is however important that such microbial research is conducted in an integrated manner, for 900 
38 
 
example there is a body of understanding concerning corrosion of cast iron pipes, driven by 901 
consideration of structural performance including bursts and leakage, that relates to the 902 
interface and includes consideration of microbial mediated corrosion. We need to strive to 903 
integrate physical, chemical and biological understanding. It is important to note that the 904 
techniques presented here are not always optimised for application to DWDS and that 905 
development work is needed to yield valid and informative data. These techniques are also 906 
often time and resource intensive, requiring careful consideration of the specific question(s) 907 
to be explored and how the resulting data can be utilised, such as to inform modelling. It 908 
should also be noted that often a range and/or combination of techniques need to be applied 909 
in order to obtain the required knowledge. Careful consideration, planning and understanding 910 
of the implications of sampling method and regime is also critical, as discussed earlier. 911 
Applied research is needed that can move asset management strategies away from the idea of 912 
a ‘clean’ pipe that can be maintained in perpetuity.  It is generally accepted in most fields that 913 
the complete eradication of biofilms is impossible. To our knowledge a suitable surface 914 
entirely resistant to colonization of microorganisms does not exist. Even if such a material 915 
were found, it is unlikely it would be suitable for retrofitting to the vast, ageing, deteriorating 916 
infrastructure of DWDS. Hence, while a ‘clean pipe’ may be briefly achieved by highly 917 
invasive, aggressive cleaning approaches, the pipe will be compromised as soon as potable 918 
water is introduced, as a microbial community will establish, evolve and adapt over time. It is 919 
important that we learn how to understand, predict and manage this community such that we 920 
can estimate the risks to water quality that this community poses and can develop 921 
interventions to control and manage that risk. This need to understand predict and manage 922 
necessarily requires developing modelling tools to capture and extrapolate community 923 
composition, behaviour, function and impacts. Such modelling will be essential to enable 924 
extrapolation between bench top, pilot scale and real systems. It is impossible that we can 925 
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that we can sample and test for every combination of conditions and variables that exist in the 926 
real world, hence modelling is essential. Ultimately it would be desirable for such models to 927 
be driven by surrogate data rather than being reliant on the complex and expensive tools and 928 
techniques presented here. Hence there is a need to develop such surrogates and for the 929 
adoption of standard methods, these should not necessarily be driven by regulation, but by the 930 
need for best asset management and service delivery through a risk based management 931 
approaches.  932 
With the latest generations of tools and techniques presented here we are now able to start 933 
generating data and understanding to inform and populate suitable modelling approaches and 934 
ultimately derive management and operational guidance. Ultimately such research will help 935 
ensure that the best sustainable use can be made of our existing infrastructure to safe guard 936 
water quality for future generations in the light of pressures such as climate change and 937 
increasing urban populations. 938 
5. Conclusions and outlook  939 
The advantages and limitations of approaches currently used in environmental microbiology 940 
have been discussed in relation to their applicability to DWDS. Ultimately, the choice of 941 
technique depends on the objective of the research, the required level of resolution, the 942 
availability of specialised equipment and the available funding. 943 
Despite culture-dependent techniques still being used by water utilities to routinely monitor 944 
the microbial quality of drinking water, molecular methods are replacing these and some 945 
water companies are beginning to implement PCR-based approaches to detect pathogens. The 946 
application of NGS has exceptionally enlarged the existing knowledge about the diversity and 947 
structure of microbial communities in DWDS. The main sequencing platforms are constantly 948 
increasing quantity of sequences obtained and read length from samples while reducing the 949 
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costs. These developments will make this technology more affordable and accessible and 950 
they will be soon considered a standard approach in environmental microbial research. The 951 
future automatisation of molecular methods might be indispensable for the development of 952 
online devices to for example detect pathogens in drinking networks.   953 
The major knowledge gap in understanding the microbiology of DWDS is the lack of 954 
information required to link microbial diversity and function. Approaches that can fill this 955 
gap are microarrays, metabolomics and metaproteomics, unfortunately their use has not yet 956 
been explored in DWDS. Future research should use integrated approaches to improve our 957 
understanding of drinking water microbiology, combining a range of techniques, to explore 958 
and link the microbial diversity and activity to ultimately understand the relationship between 959 
microorganisms and system function. A system biology approach where environmental 960 
metagenomics is combined with other methodologies such as metatranscriptomics, 961 
metaproteomics and metabolomics should allow expansion of our understanding of DWDS. 962 
Acknowledgements 963 
This research work was funded in part by an EU FP6 Marie-Curie Transfer of Knowledge 964 
grant ‘Microbiology of Urban Water Systems’ (No.42444) awarded to Catherine Biggs and 965 
Joby Boxall.  Catherine Biggs would also like to acknowledge the Engineering and Physical 966 
Sciences Research Council (EPSRC) for the provision of an Advanced Research Fellowship 967 
(EP/E053556/01). The work reported here was also supported by the UK Engineering and 968 
Physical Sciences Research Council Challenging Engineering grant EP/G029946/1 and 969 
platform grant EP/1029346/1. 970 
  971 
41 
 
References 972 
Albinana-Gimenez, N., Miagostovich, M.P., Calgua, B., Huguet, J.M., Matia, L., Girones, R., 973 
2009. Analysis of adenoviruses and polyomaviruses quantified by qPCR as indicators of 974 
water quality in source and drinking-water treatment plants. Water Res 43, 2011-2019. 975 
Allen, E.E., Banfield, J.F., 2005. Community genomics in microbial ecology and evolution. 976 
Nat Rev Micro 3, 489-498. 977 
Allen, M.J., Edberg, S.C., Reasoner, D.J., 2004. Heterotrophic plate count bacteria—what is 978 
their significance in drinking water? Int J Food Microbiol 92, 265-274. 979 
Altschul, S.F., Gish, W., Miller, W., Myers, E.W., Lipman, D.J., 1990. Basic local alignment 980 
search tool. J Mol Biol 215, 403-410. 981 
Amann, R.I., Ludwig, W., Schleifer, K.H., 1995. Phylogenetic identification and in situ 982 
detection of individual microbial cells without cultivation. Microbiological Reviews 59, 143-983 
169. 984 
APHA, 2012. Standard Methods for the Examination of Water and Wastewater 22nd Ed. . 985 
American Public Health Association (APHA), American Water Works Association (AWWA) 986 
& Water Environment Federation (WEF), Washington D.C., U.S.A. 987 
Appenzeller, B.M.R., Batté, M., Mathieu, L., Block, J.C., Lahoussine, V., Cavard, J., Gatel, 988 
D., 2001. Effect of adding phosphate to drinking water on bacterial growth in slightly and 989 
highly corroded pipes. Water Res 35, 1100-1105. 990 
Ashbolt, N.J., Grabow, W.O.K., and Snozzi, M., 2001. Indicators of microbial water quality. 991 
World Health Organization (WHO). Water Quality: Guidelines, Standards and Health. Edited 992 
by Lorna Fewtrell and Jamie Bartram. Published by IWA Publishing, London, UK. 993 
Aurell, H., Catala, P., Farge, P., Wallet, F., Le Brun, M., Helbig, J.H., Jarraud, S., Lebaron, 994 
P., 2004. Rapid Detection and Enumeration of Legionella pneumophila in Hot Water Systems 995 
by Solid-Phase Cytometry. Appl Environ Microb 70, 1651-1657. 996 
42 
 
Bantscheff, M., Schirle, M., Sweetman, G., Rick, J., Kuster, B., 2007. Quantitative mass 997 
spectrometry in proteomics: a critical review. Anal Bioanal Chem 389, 1017-1031. 998 
Batte, M., Koudjonou, B., Laurent, P., Mathieu, L., Coallier, J., Prevost, M., 2003a. Biofilm 999 
responses to ageing and to a high phosphate load in a bench-scale drinking water system. 1000 
Water Res 37, 1351-1361. 1001 
Batte, M., Mathieu, L., Laurent, P., Prevost, M., 2003b. Influence of phosphate and 1002 
disinfection on the composition of biofilms produced from drinking water, as measured by 1003 
fluorescence in situ hybridization. Can J Microbiol 49, 741-753. 1004 
Baudart, J., Lebaron, P., 2010. Rapid detection of Escherichia coli in waters using fluorescent 1005 
in situ hybridization, direct viable counting and solid phase cytometry. J Appl Microbiol 109, 1006 
1253-1264. 1007 
Beale, D.J., Barratt, R., Marlow, D.R., Dunn, M.S., Palombo, E.A., Morrison, P.D., Key.C., 1008 
2013. Application of metabolomics to understanding biofilms in water distribution systems: a 1009 
pilot study. Biofouling 29 ( 3), 283–94.  1010 
Beale, D.J., Dunn, M.S., Marney, D., 2010. Application of GC–MS metabolic profiling to 1011 
‘blue-Green Water’ from microbial influenced corrosion in copper pipes. Corrosion Science 1012 
52 (9),  3140–45.  1013 
Beale, D.J., Dunn, M.S., Morrison, P.D., Porter, N.A., Marlow, D.R., 2012. Characterisation 1014 
of bulk water samples from copper pipes undergoing microbially influenced corrosion by 1015 
diagnostic metabolomic profiling. Corrosion Science 55, 272–79.  1016 
Beier, B.D., Quivey, R.G., Berger, A.J., 2010. Identification of different bacterial species in 1017 
biofilms using confocal Raman microscopy. J Biomed Opt 15. 1018 
Bej, A.K., McCarty, S.C., Atlas, R.M., 1991. Detection of coliform bacteria and Escherichia 1019 
coli by multiplex polymerase chain reaction: comparison with defined substrate and plating 1020 
methods for water quality monitoring. Appl Environ Microb 57, 2429-2432. 1021 
43 
 
Bergmans, L., Moisiadis, P., Van Meerbeek, B., Quirynen, M., Lambrechts, P., 2005. 1022 
Microscopic observation of bacteria: review highlighting the use of environmental SEM. Int 1023 
Endod J 38, 775-788. 1024 
Berney, M., Vital, M., Hülshoff, I., Weilenmann, H.-U., Egli, T., Hammes, F., 2008. Rapid, 1025 
cultivation-independent assessment of microbial viability in drinking water. Water Res 42, 1026 
4010-4018. 1027 
Besner, M-C., Prévost, M., Regli, S., 2011. Assessing the public health risk of microbial 1028 
intrusion events in distribution systems: conceptual model, available data, and challenges. 1029 
Water Res 45 (3), 961–79. 1030 
Bluhm, H., Andersson, K., Araki, T., Benzerara, K., Brown, G.E., Dynes, J.J., Ghosal, S., 1031 
Gilles, M.K., Hansen, H.C., Hemminger, J.C., Hitchcock, A.P., Ketteler, G., Kilcoyne, 1032 
A.L.D., Kneedler, E., Lawrence, J.R., Leppard, G.G., Majzlam, J., Mun, B.S., Myneni, 1033 
S.C.B., Nilsson, A., Ogasawara, H., Ogletree, D.F., Pecher, K., Salmeron, M., Shuh, D.K., 1034 
Tonner, B., Tyliszczak, T., Warwick, T., Yoon, T.H., 2006. Soft X-ray microscopy and 1035 
spectroscopy at the molecular environmental science beamline at the Advanced Light Source. 1036 
Journal of Electron Spectroscopy and Related Phenomena 150, 86-104. 1037 
Boe-Hansen, R., Martiny, A.C., Arvin, E., Albrechtsen, H.J., 2003. Monitoring biofilm 1038 
formation and activity in drinking water distribution networks under oligotrophic conditions. 1039 
Water science and technology : a journal of the International Association on Water Pollution 1040 
Research 47, 91-97. 1041 
Boubetra, A., Le Nestour, F., Allaert, C., Feinberg, M., 2011. Validation of alternative 1042 
methods for the control of drinking water: application to Escherichia coli. Appl Environ 1043 
Microb. 1044 
44 
 
Boulos, L., Prévost, M., Barbeau, B., Coallier, J., Desjardins R., 1999. LIVE/DEAD® 1045 
BacLight™: Application of a new rapid staining method for direct enumeration of viable and 1046 
total bacteria in drinking water. J.  Microbiol. Methods 37 (1), 77–86.  1047 
Bradford, M.M., 1976. A rapid and sensitive method for the quantitation of microgram 1048 
quantities of protein utilizing the principle of protein-dye binding. Anal Biochem 72, 248-1049 
254. 1050 
Busch-Harris, J., Sublette, K., Roberts, K.P., Landrum, C., Peacock, A.D., Davis, G., Ogles, 1051 
D., Holmes, W.E., Harris, D., Ota, C., Yang, X., Kolhatkar, A., 2008. Bio-Traps coupled with 1052 
molecular biological methods and stable isotope probing demonstrate the in situ 1053 
biodegradation potential of MTBE and TBA in gasoline-contaminated aquifers. Ground 1054 
Water Monitoring & Remediation 28, 47-62. 1055 
Busscher, H.J., van Pelt, A.W.J., de Boer, P., de Jong, H.P., Arends, J., 1984. The effect of 1056 
surface roughening of polymers on measured contact angles of liquids. Colloid Surface 9, 1057 
319-331. 1058 
Bustin, S.A., Benes, V., Garson, J.A., Hellemans, J., Huggett, J., Kubista, M., Mueller, R., 1059 
Nolan, T., Pfaffl, M.W., Shipley, G.L., Vandesompele, J., Wittwer, C.T., 2009. The MIQE 1060 
Guidelines: Minimum information for publication of quantitative real-time PCR experiments. 1061 
Clinical Chemistry 55, 611-622. 1062 
Caporaso, J.G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, F.D., Costello, E.K., 1063 
Fierer, N., Pena, A.G., Goodrich, J.K., Gordon, J.I., Huttley, G.A., Kelley, S.T., Knights, D., 1064 
Koenig, J.E., Ley, R.E., Lozupone, C.A., McDonald, D., Muegge, B.D., Pirrung, M., Reeder, 1065 
J., Sevinsky, J.R., Turnbaugh, P.J., Walters, W.A., Widmann, J., Yatsunenko, T., Zaneveld, 1066 
J., Knight, R., 2010. QIIME allows analysis of high-throughput community sequencing data. 1067 
Nat Methods 7, 335-336. 1068 
45 
 
Cerca, N., Pier, G.B., Vilanova, M., Oliveira, R., Azeredo, J., 2005. Quantitative analysis of 1069 
adhesion and biofilm formation on hydrophilic and hydrophobic surfaces of clinical isolates 1070 
of Staphylococcus epidermidis. Res Microbiol 156, 506-514. 1071 
Chang, Y.C., Le Puil, M., Biggerstaff, J., Randall, A.A., Schulte, A., Taylor, J.S., 2003. 1072 
Direct estimation of biofilm density on different pipe material coupons using a specific DNA-1073 
probe. Mol Cell Probe 17, 237-243. 1074 
Chen, M., Lee, D., Tay, J., Show, K., 2007. Staining of extracellular polymeric substances 1075 
and cells in bioaggregates. Appl. Microbiol. Biotechnol. 75, 467–474 1076 
Choi, Y.J., Choi, Y., 2010. The effects of UV disinfection on drinking water quality in 1077 
distribution systems. Water Res 44, 115-122. 1078 
Cisar, J.O., Kolenbrander, P.E., McIntire, F.C., 1979. Specificity of coaggregation reactions 1079 
between human oral streptococci and strains of Actinomyces viscosus or Actinomyces 1080 
naeslundii. Infect Immun 24, 742-752. 1081 
Cole, J.R., Wang, Q., Cardenas, E., Fish, J., Chai, B., Farris, R.J., Kulam-Syed-Mohideen, 1082 
A.S., McGarrell, D.M., Marsh, T., Garrity, G.M., Tiedje, J.M., 2009. The Ribosomal 1083 
Database Project: improved alignments and new tools for rRNA analysis. Nucleic Acids Res 1084 
37, 12. 1085 
Cole, S.P., Harwood, J., Lee, R., She, R., Guiney, D.G., 2004. Characterization of 1086 
monospecies biofilm formation by Helicobacter pylori. J Bacteriol 186, 3124-3132. 1087 
D’Abzac, P.P., Bordas, F., Van Hullebusch, E., Lens, P.N.L., Guibaud, G.,, 2010. Extraction 1088 
of extracellular polymeric substances (EPS) from anaerobic granular sludges: Comparison of 1089 
chemical and physical extraction protocols. Appl. Microbiol. Biotechnol. 85, 1589–1599. 1090 
Daims, H., Lucker, S., Wagner, M., 2006. daime, a novel image analysis program for 1091 
microbial ecology and biofilm research. Environmental Microbiology 8, 200-213. 1092 
46 
 
Davey, M.E., O'toole, G.A., 2000. Microbial biofilms: from ecology to molecular genetics. 1093 
Microbiol Mol Biol R 64, 847-+. 1094 
Deines, P., Sekar, R., Husband, P.S., Boxall, J.B., Osborn, A.M., Biggs, C.A., 2010. A new 1095 
coupon design for simultaneous analysis of in situ microbial biofilm formation and 1096 
community structure in drinking water distribution systems. Appl Microbiol Biot 87, 749-1097 
756. 1098 
Denef, V.J., Kalnejais, L.H., Mueller, R.S., Wilmes, P., Baker, B.J., Thomas, B.C., 1099 
VerBerkmoes, N.C., Hettich, R.L., Banfield, J.F., 2010. Proteogenomic basis for ecological 1100 
divergence of closely related bacteria in natural acidophilic microbial communities. Proc Natl 1101 
Acad Sci U S A 107, 2383-2390. 1102 
Denef, V.J., VerBerkmoes, N.C., Shah, M.B., Abraham, P., Lefsrud, M., Hettich, R.L., 1103 
Banfield, J.F., 2009. Proteomics-inferred genome typing (PIGT) demonstrates inter-1104 
population recombination as a strategy for environmental adaptation. Environ Microbiol 11, 1105 
313-325. 1106 
Denkhaus, E., Meisen, S., Telgheder, U., Wingender, J., 2007. Chemical and physical 1107 
methods for characterisation of biofilms. Microchim. ACTA 158, 1–27. 1108 
Directive, D.W., 1998. Council directive 98/83/EC of 3 November 1998 on the quality of 1109 
water intended for human consumption. 1110 
Donald, A.M., 2003. The use of environmental scanning electron microscopy for imaging 1111 
wet and insulating materials. Nat Mater 2, 511-516. 1112 
Dorigo, U., Volatier, L., Humbert, J.-F., 2005. Molecular approaches to the assessment of 1113 
biodiversity in aquatic microbial communities. Water Res 39, 2207-2218. 1114 
Douterelo, I., Sharpe, R.L., Boxall, J.B., 2013. Influence of hydraulic regimes on bacterial 1115 
community structure and composition in an experimental drinking water distribution system. 1116 
Water Res 47, 503-516. 1117 
47 
 
DuBois, M., Gilles, K.A., Hamilton, J.K., Rebers, P.A., Smith, F., 1956. Colorimetric method 1118 
for determination of sugars and related substances. Anal Chem 28, 350-356. 1119 
Dusserre, E., Ginevra, C., Hallier-Soulier, S., Vandenesch, F., Festoc, G., Etienne, J., Jarraud, 1120 
S., Molmeret, M., 2008. A PCR-Based method for monitoring Legionella pneumophila in 1121 
water samples detects viable but non cultivable Legionellae that can recover their 1122 
cultivability. Appl Environ Microb 74, 4817-4824. 1123 
Eboigbodin, K.E., Biggs, C.A., 2008. Characterization of the extracellular polymeric 1124 
substances produced by Escherichia coli using infrared spectroscopic, proteomic, and 1125 
aggregation studies. Biomacromolecules 9, 686–695. 1126 
Eichler, S., Christen, R., Holtje, C., Westphal, P., Botel, J., Brettar, I., Mehling, A., Hofle, 1127 
M.G., 2006. Composition and dynamics of bacterial communities of a drinking water supply 1128 
system as assessed by RNA- and DNA-based 16S rRNA gene fingerprinting. Appl Environ 1129 
Microbiol 72, 1858-1872. 1130 
Eisen, J.A., 2007. Environmental Shotgun Sequencing: Its potential and challenges for 1131 
studying the hidden world of microbes. Plos Biol 5, e82. 1132 
Felsenstein, J., 1989. PHYLIP -- phylogeny inference package (version 3.2). Cladistics 5, 1133 
164-166. 1134 
Ferrari, B.C., Vesey, G., Davis, K.A., Gauci, M., Veal, D., 2000. A novel two-color flow 1135 
cytometric assay for the detection of Cryptosporidium in environmental water samples. 1136 
Cytometry 41, 216-222. 1137 
Fish, K. E., Sharpe, R. L., Green, N. H., Osborn, A. M. and Boxall, J. B. 2011. Visualising 1138 
and quantifying the matrix of drinking water biofilms, In Proceedings of IWA Biofilm2011: 1139 
Processes in Biofilms, Shanghai, China. 1140 
Fish, K., 2013. The impact of hydraulic regime upon biofilms in drinking water distribution 1141 
systems (Thesis). University of Sheffield. 1142 
48 
 
Fisher, M.M., Triplett, E.W., 1999. Automated approach for ribosomal intergenic spacer 1143 
analysis of microbial diversity and its application to freshwater bacterial communities. Appl 1144 
Environ Microbiol 65, 4630-4636. 1145 
Flemming, H.C., 1998. Relevance of biofilms for the biodeterioration of surfaces of 1146 
polymeric materials. Polym Degrad Stabil 59, 309-315. 1147 
Flemming, H.C., Percival, S.L., Walker, J.T., 2002. Contamination potential of biofilms in 1148 
water distribution systems. Innovations in Conventional and Advanced Water Treatment 1149 
Processes 2, 271-280. 1150 
Frolund, B., Greibe, T., Nielsen, P., 1995. Enzymatic-activity in the activated-sludge floc 1151 
matrix. Appl. Microbiol. Biotechnol. 43, 755–761. 1152 
Frolund, B., Palmgren, R., Keiding, K., Nielsen, P., 1996. Extraction of extracellular 1153 
polymers from activated sludge using a cation exchange resin. Water Res. 30, 1749–1758. 1154 
Gagnon, G.A., Rand, J.L., O'Leary, K.C., Rygel, A.C., Chauret, C., Andrews, R.C., 2005. 1155 
Disinfectant efficacy of chlorite and chlorine dioxide in drinking water biofilms. Water Res 1156 
39, 1809-1817. 1157 
George, I., Petit, M., Servais, P., 2000. Use of enzymatic methods for rapid enumeration of 1158 
coliforms in freshwaters. J Appl Microbiol 88, 404-413. 1159 
Giao, M.S., Azevedo, N.F., Wilks, S.A., Vieira, M.J., Keevil, C.W., 2011. Interaction of 1160 
legionella pneumophila and helicobacter pylori with bacterial species isolated from drinking 1161 
water biofilms. Bmc Microbiol 11. 1162 
Gilbride, K.A., Lee, D.Y., Beaudette, L.A., 2006. Molecular techniques in wastewater: 1163 
Understanding microbial communities, detecting pathogens, and real-time process control. J 1164 
Microbiol Meth 66, 1-20. 1165 
Ginige, M.P., Hugenholtz, P., Daims, H., Wagner, M., Keller, J., Blackall, L.L., 2004. Use of 1166 
stable-isotope probing, full-cycle rRNA analysis, and fluorescence in situ hybridization-1167 
49 
 
microautoradiography to study a methanol-fed denitrifying microbial community. Appl 1168 
Environ Microb 70, 588-596. 1169 
Gomez-Alvarez, V., Revetta, R.P., Domingo, J.W.S., 2012. Metagenomic analyses of 1170 
drinking water receiving different disinfection treatments. Appl Environ Microb 78, 6095-1171 
6102. 1172 
Guy, R.A., Payment, P., Krull, U.J., Horgen, P.A., 2003. Real-Time PCR for quantification 1173 
of Giardia and Cryptosporidium in environmental water samples and sewage. Appl Environ 1174 
Microb 69, 5178-5185. 1175 
Hall-Stoodley, L., Nistico, L., Sambanthamoorthy, K., Dice, B., Nguyen, D., Mershon, W., 1176 
Johnson, C., Ze Hu, F., Stoodley, P., Ehrlich, G., Post, J.C., 2008. Characterization of biofilm 1177 
matrix, degradation by DNase treatment and evidence of capsule downregulation in 1178 
Streptococcus pneumoniae clinical isolates. Bmc Microbiol 8, 173. 1179 
Hamasaki, K., Taniguchi, A., Tada, Y., Long, R.A., Azam, F., 2007. Actively Growing 1180 
Bacteria in the Inland Sea of Japan, Identified by Combined Bromodeoxyuridine 1181 
Immunocapture and Denaturing Gradient Gel Electrophoresis. Appl Environ Microb 73, 1182 
2787-2798. 1183 
Hammes, F., Berney, M., Wang, Y., Vital, M., Köster, O., Egli, T., 2008. Flow-cytometric 1184 
total bacterial cell counts as a descriptive microbiological parameter for drinking water 1185 
treatment processes. Water Res 42, 269-277. 1186 
Hammes, F., Boon, N., Vital, M., Ross, P., Magic-Knezev, A., Dignum, M., 2011. Bacterial 1187 
colonization of pellet softening reactors used during drinking water treatment. Appl. Environ. 1188 
Microbiol. 77, 1041-1048. 1189 
Hammes, F., Goldschmidt, F., Vital, M., Wang, Y., Egli, T., 2010. Measurement and 1190 
interpretation of microbial adenosine tri-phosphate (ATP) in aquatic environments. Water 1191 
Res 44, 3915-3923. 1192 
50 
 
Hammes, F.A., Egli, T., 2005. New Method for assimilable organic carbon determination 1193 
using flow-cytometric enumeration and a natural microbial consortium as inoculum. Environ 1194 
Sci Technol 39, 3289-3294. 1195 
Hanlon, A., Bellinger, B., Haynes, K., Xiao, G., Hofmann, T., Gretz, M., Ball, A., Osborn, 1196 
A., Underwood, G., 2006. Dynamics of extracellular polymeric substance (EPS) production 1197 
and loss in an estuarine, diatom-dominated, microalgal biofilm over a tidal emersion-1198 
immersion period. Limnol. Oceanogr. 51, 79–93. 1199 
Haynes, K., Hofmann, T., Smith, C., Ball, A., Underwood, G., Osborn, A., 2007. Diatom-1200 
derived carbohydrates as factors affecting bacterial community composition in estuarine 1201 
sediments. Appl. Environ. Microbiol. 73, 6112–6124. 1202 
He, Z., Gentry, T.J.,  Schadt, C.W., Wu, L., Liebich, J., Chong, S.C., Huang, Z., et al. 2007. 1203 
GeoChip: A comprehensive microarray for investigating biogeochemical, ecological and 1204 
environmental processes. The ISME Journal 1(1), 67–77. 1205 
Henne, K., Kahlisch, L., Brettar, I., Höfle, M.G., 2012. Analysis of structure and composition 1206 
of bacterial core communities in mature drinking water biofilms and bulk water of a citywide 1207 
network in Germany. Appl Environ Microb 78, 3530-3538. 1208 
Heydorn, A., Nielsen, A.T., Hentzer, M., Sternberg, C., Givskov, M., Ersboll, B.K., Molin, 1209 
S., 2000. Quantification of biofilm structures by the novel computer program COMSTAT. 1210 
Microbiol-Uk 146, 2395-2407. 1211 
Heyndrickx, M., Vauterin, L., Vandamme, P., Kersters, K., De Vos, P., 1996. Applicability 1212 
of combined amplified ribosomal DNA restriction analysis (ARDRA) patterns in bacterial 1213 
phylogeny and taxonomy. J Microbiol Meth 26, 247-259. 1214 
Hobbie, J.E., Daley, R.J., Jasper, S., 1977. Use of nuclepore filters for counting bacteria by 1215 
fluorescence microscopy. Appl Environ Microb 33, 1225-1228. 1216 
51 
 
Hoefel, D., Grooby, W.L., Monis, P.T., Andrews, S., Saint, C.P., 2003. Enumeration of 1217 
water-borne bacteria using viability assays and flow cytometry: a comparison to culture-1218 
based techniques. J Microbiol Meth 55, 585-597. 1219 
Hoefel, D., Monis, P.T., Grooby, W.L., Andrews, S., Saint, C.P., 2005. Culture-Independent 1220 
techniques for rapid detection of bacteria associated with loss of chloramine residual in a 1221 
drinking water system. Appl Environ Microb 71, 6479-6488. 1222 
Hofmann, T., Hanlon, A., Taylor, J., Ball, A., Osborn, A., Underwood, G., 2009. Dynamics 1223 
and compositional changes in extracellular carbohydrates in estuarine sediments during 1224 
degradation. Mar. Ecol.-Prog. Ser. 379, 45–58. 1225 
Hong, P.-Y., Hwang, C., Ling, F., Andersen, G.L., LeChevallier, M.W., Liu, W.-T., 2010. 1226 
Pyrosequencing analysis of bacterial biofilm communities in water meters of a drinking water 1227 
distribution system. Appl Environ Microb 76, 5631-5635. 1228 
Huang, Z., Meric, G., Liu, Z., Ma, R., Tang, Z., Lejeune, P., 2009. luxS-based quorum-1229 
sensing signaling affects biofilm formation in Streptococcus mutans. J Mol Microbiol 1230 
Biotechnol 17, 12-19. 1231 
Hwang, C., Ling, F., Andersen, G.L., LeChevallier, M.W., Liu, W.-T., 2012. Microbial 1232 
community dynamics of an urban drinking water distribution system subjected to phases of 1233 
chloramination and chlorination treatments. Appl Environ Microb. 1234 
Ivleva, N., Wagner, M., Horn, H., Niessner, R., Haisch, C., 2009. Towards a nondestructive 1235 
chemical characterization of biofilm matrix by Raman microscopy. Anal. Bioanal. Chem. 1236 
393, 197–206. 1237 
Jahn, A., Nielsen, P.H., 1995. Extraction of extracellular polymeric substances (EPS) from 1238 
biofilms using a cation exchange resin. Water Sci Technol 32, 157-164. 1239 
52 
 
Johnsen, A.R., Hausner, M., Schnell, A., Wuertz, S., 2000. Evaluation of fluorescently 1240 
labeled lectins for noninvasive localization of extracellular polymeric substances in 1241 
Sphingomonas biofilms. Appl Environ Microb 66, 3487-3491. 1242 
Juhna, T., Birzniece, D., Larsson, S., Zulenkovs, D., Sharipo, A., Azevedo, N.F., Menard-1243 
Szczebara, F., Castagnet, S., Feliers, C., Keevil, C.W., 2007. Detection of Escherichia coli in 1244 
biofilms from pipe samples and coupons in drinking water distribution networks. Appl 1245 
Environ Microb 73, 7456-7464. 1246 
Kahlisch, L., Henne, K., Draheim, J., Brettar, I., Höfle, M.G., 2010. High-Resolution in situ 1247 
genotyping of Legionella pneumophila populations in drinking water by multiple-locus 1248 
variable-number tandem-repeat analysis using environmental DNA. Appl Environ Microb 76, 1249 
6186-6195. 1250 
Kahlisch, L., Henne, K., Gröbe, L., Brettar, I., Höfle, M., 2012. Assessing the viability of 1251 
bacterial species in drinking water by combined cellular and molecular analyses. Microbial 1252 
Ecology 63, 383-397. 1253 
Kalmbach, S., Manz, W., Szewzyk, U., 1997. Dynamics of biofilm formation in drinking 1254 
water: phylogenetic affiliation and metabolic potential of single cells assessed by formazan 1255 
reduction and in situ hybridization. FEMS Microbiology Ecology 22, 265-279. 1256 
Karunakaran, E., Biggs, C.A., 2011. Mechanisms of Bacillus cereus biofilm formation: an 1257 
investigation of the physicochemical characteristics of cell surfaces and extracellular 1258 
proteins. Appl Microbiol Biot 89, 1161-1175. 1259 
Karunakaran, E., Mukherjee, J., Ramalingam, B., Biggs, C.A., 2011. "Biofilmology": a 1260 
multidisciplinary review of the study of microbial biofilms. Appl Microbiol Biot 90, 1869-1261 
1881. 1262 
Keinanen, M.M., Martikainen, P.J., Kontro, M.H., 2004. Microbial community structure and 1263 
biomass in developing drinking water biofilms. Can J Microbiol 50, 183-191. 1264 
53 
 
Kindaichi, T., Ito, T., Okabe, S., 2004a. Ecophysiological interaction between nitrifying 1265 
bacteria and heterotrophic bacteria in autotrophic nitrifying biofilms as determined by 1266 
microautoradiography-fluorescence in situ hybridization. Appl Environ Microb 70, 1641-1267 
1650. 1268 
Kindaichi, T., Okabe, S., Satoh, H., Watanabe, Y., 2004b. Effects of hydroxylamine on 1269 
microbial community structure and function of autotrophic nitrifying biofilms determined by 1270 
in situ hybridization and the use of microelectrodes. Water Sci Technol 49, 61-68. 1271 
Klindworth, A., Pruesse, E., Schweer, T.,  Peplies, J., Quast, C., Horn, M., Glöckner, F.O., 1272 
2012. Evaluation of general 16S ribosomal RNA gene PCR Primers for classical and next-1273 
generation sequencing-based diversity studies.  Nucleic Acids Res, August 28, 2012. 1274 
doi:10.1093/nar/gks808. 1275 
Kubista, M., Andrade, J.M., Bengtsson, M., Forootan, A., Jonák, J., Lind, K., Sindelka, R., 1276 
Sjöback, R., Sjögreen, B., Strömbom, L., Ståhlberg, A., Zoric, N., 2006. The real-time 1277 
polymerase chain reaction. Molecular Aspects of Medicine 27, 95-125. 1278 
Kwon, S., Moon, E., Kim, T.S., Hong, S., Park, H.D., 2011. Pyrosequencing demonstrated 1279 
complex microbial communities in a membrane filtration system for a drinking water 1280 
treatment plant. Microbes Environ 26, 149-155. 1281 
Lauro, F.M., DeMaere, M.Z., Yau, S., Brown, M.V., Ng, C., Wilkins, D., Raftery, M.J., 1282 
Gibson, J.A., Andrews-Pfannkoch, C., Lewis, M., Hoffman, J.M., Thomas, T., Cavicchioli, 1283 
R., 2011. An integrative study of a meromictic lake ecosystem in Antarctica. ISME J 5, 879-1284 
895. 1285 
Lautenschlager, K., Boon, N., Wang, Y., Egli, T., Hammes, F., 2010. Overnight stagnation of 1286 
drinking water in household taps induces microbial growth and changes in community 1287 
composition. Water Res 44, 4868-4877. 1288 
54 
 
Lautenschlager, K., Hwang, C., Liu, W.-T., Boon, N., Köster, O., Vrouwenvelder, H., Egli, 1289 
T., Hammes, F., 2013. A microbiology-based multi-parametric approach towards assessing 1290 
biological stability in drinking water distribution networks. Water Res 47, 3015-3025. 1291 
Lawrence, J.R., Swerhone, G.D.W., Leppard, G.G., Araki, T., Zhang, X., West, M.M., 1292 
Hitchcock, A.P., 2003. Scanning transmission X-ray, laser scanning, and transmission 1293 
electron microscopy mapping of the exopolymeric matrix of microbial biofilms. Appl 1294 
Environ Microb 69, 5543-5554. 1295 
Lazar, V., 2011. Quorum sensing in biofilms – How to destroy the bacterial citadels or their 1296 
cohesion/power? Anaerobe 17, 280-285. 1297 
LeChevallier, M.W., Babcock, T.M., Lee, R.G., 1987. Examination and characterization of 1298 
distribution-system biofilms. Appl. Environ. Microbiol. 53, 2714-2724. 1299 
LeChevallier, M.W., Norton, C.D., Camper, A., Morin, P., Ellis, B., Jones, W.,Rompré, A., 1300 
Prévost, M., Coallier, J., Servais, P., Holt, D., Delanoue, A.,Colbourne, J., 1998. Microbial 1301 
impact of biological filtration. AWWA Research Foundation, USA, p 180. 1302 
Lee, N., Nielsen, P.H., Andreasen, K.H., Juretschko, S., Nielsen, J.L., Schleifer, K.-H., 1303 
Wagner, M., 1999. Combination of fluorescent in situ hybridization and 1304 
microautoradiography—a new tool for structure-function analyses in microbial ecology. Appl 1305 
Environ Microb 65, 1289-1297. 1306 
Lehtola, M.J., Miettinen, I.T., Keinänen, M.M., Kekki, T.K., Laine, O., Hirvonen, A., 1307 
Vartiainen, T., Martikainen, P.J., 2004. Microbiology, chemistry and biofilm development in 1308 
a pilot drinking water distribution system with copper and plastic pipes. Water Res 38, 3769-1309 
3779. 1310 
Lehtola, M.J., Miettinen, I.T., Martikainen, P.J., 2002. Biofilm formation in drinking water 1311 
affected by low concentrations of phosphorus. Can J Microbiol 48, 494-499. 1312 
55 
 
Lehtola, M.J., Torvinen, E., Kusnetsov, J., Pitkanen, T., Maunula, L., von Bonsdorff, C.H., 1313 
Martikainen, P.J., Wilks, S.A., Keevil, C.W., Miettinen, I.T., 2007. Survival of 1314 
Mycobacterium avium, Legionella pneumophila, Escherichia coli, and caliciviruses in 1315 
drinking water-associated biofilms grown under high-shear turbulent flow. Appl Environ 1316 
Microb 73, 2854-2859. 1317 
Lequette, Y., Lee, J.-H., Ledgham, F., Lazdunski, A., Greenberg, E.P., 2006. A distinct QscR 1318 
regulon in the Pseudomonas aeruginosa Quorum-Sensing circuit. J Bacteriol 188, 3365-3370. 1319 
Lessie, T., Vander Wyk, J.C., 1972. Multiple forms of pseudomonas-multivorans glucose-6-1320 
phosphate and 6-phosphogluconate dehydrogenases - differences in size, pyridine-nucleotide 1321 
specificity, and susceptibility to inhibition by adenosine 5’-triphosphate. J. Bacteriol. 110, 1322 
1107–1117. 1323 
Li, B., Logan, B.E., 2004. Bacterial adhesion to glass and metal-oxide surfaces. Colloids and 1324 
Surfaces B: Biointerfaces 36, 81-90. 1325 
Li, D., Li, Z., Yu, J., Cao, N., Liu, R., Yang, M., 2010. Characterization of bacterial 1326 
community structure in a drinking water distribution system during an occurrence of red 1327 
water. Appl Environ Microb 76, 7171-7180. 1328 
Lipponen, M.T.T., Martikainen, P.J., Vasara, R.E., Servomaa, K., Zacheus, O., Kontro, M.H., 1329 
2004. Occurrence of nitrifiers and diversity of ammonia-oxidizing bacteria in developing 1330 
drinking water biofilms. Water Res 38, 4424-4434. 1331 
Liu, W., Wu, H., Wang, Z., Ong, S.L., Hu, J.Y., Ng, W.J., 2002. Investigation of assimilable 1332 
organic carbon (AOC) and bacterial regrowth in drinking water distribution system. Water 1333 
Res 36, 891-898. 1334 
Liu, W.T., Marsh, T.L., Cheng, H., Forney, L.J., 1997. Characterization of microbial 1335 
diversity by determining terminal restriction fragment length polymorphisms of genes 1336 
encoding 16S rRNA. Appl Environ Microb 63, 4516-4522. 1337 
56 
 
Liu, Z., Stirling, F.R., Zhu, J., 2007. Temporal quorum-sensing induction regulates Vibrio 1338 
cholerae biofilm architecture. Infect Immun 75, 122-126. 1339 
Lowry, O., Rosebrough, N., Farr, A., Randall, R., 1951. Protein measurement with the folin 1340 
phenol reagent. J. Biol. Chem. 193, 265–275. 1341 
Ludmany, Z., Borsanyi, M., Vargha, M., 2006. Evaluation of biofilms occuring in drinking 1342 
water distribution system of balatonfured. Chemicals as Intentional and Accidental Global 1343 
Environmental Threats, 501-507. 1344 
Ludwig, W., Strunk, O., Westram, R., Richter, L., Meier, H., Yadhukumar, Buchner, A., Lai, 1345 
T., Steppi, S., Jobb, G., Förster, W., Brettske, I., Gerber, S., Ginhart, A.W., Gross, O., 1346 
Grumann, S., Hermann, S., Jost, R., König, A., Liss, T., Lüßmann, R., May, M., Nonhoff, B., 1347 
Reichel, B., Strehlow, R., Stamatakis, A., Stuckmann, N., Vilbig, A., Lenke, M., Ludwig, T., 1348 
Bode, A., Schleifer, K.H., 2004. ARB: a software environment for sequence data. Nucleic 1349 
Acids Research 32, 1363-1371. 1350 
Luo, C., Tsementzi, D., Kyrpides, N., Read, T., Konstantinidis, K.T., 2012. Direct 1351 
comparisons of Illumina vs. Roche 454 sequencing technologies on thes Same microbial 1352 
community DNA sample. PLoS ONE 7(2). 1353 
Manefield, M., Whiteley, A.S.,  Griffiths, R.I., Bailey, M.J., 2002. RNA Stable Isotope 1354 
Probing, a novel means of linking microbial community function to phylogeny. Appl Environ 1355 
Microb 68 (11), 5367–73. 1356 
Manz, W., Szewzyk, U., Ericsson, P., Amann, R., Schleifer, K.H., Stenstrom, T.A., 1993. In-1357 
situ identification of bacteria in drinking-water and adjoining biofilms by hybridization with 1358 
16s-Ribosomal-RNA-directed and 23s-Ribosomal-RNA-directed fluorescent oligonucleotide 1359 
probes. Appl Environ Microb 59, 2293-2298. 1360 
57 
 
Mapelli, V., Olsson,L., Nielsen, J., 2008. Metabolic footprinting in microbiology: methods 1361 
and applications in functional genomics and biotechnology. Trends in Biotechnology 26 (9), 1362 
490–97.  1363 
Martiny, A.C., Jørgensen, T.M., Albrechtsen, H.-J., Arvin, E., Molin, S., 2003. Long-term 1364 
succession of structure and diversity of a biofilm formed in a model drinking water 1365 
distribution system. Appl Environ Microb 69, 6899-6907. 1366 
McDaniels, A.E., Wymer, L., Rankin, C., Haugland, R., 2005. Evaluation of quantitative real 1367 
time PCR for the measurement of Helicobacter pylori at low concentrations in drinking 1368 
water. Water Res 39, 4808-4816. 1369 
McSwain, B., Irvine, R., Hausner, M., Wilderer, P., 2005. Composition and distribution of 1370 
extracellular polymeric substances in aerobic flocs and granular sludge. Appl. Environ. 1371 
Microbiol. 71, 1051–1057. 1372 
Medihala, P.G., Lawrence, J.R., Swerhone, G.D.W., Korber, D.R., 2012. Effect of pumping 1373 
on the spatio-temporal distribution of microbial communities in a water well field. Water Res 1374 
46, 1286-1300. 1375 
Metzker, M.L., 2010. Sequencing technologies - the next generation. Nat Rev Genet 11, 31-1376 
46. 1377 
Michalowski, W., Flemming, H., Wingender, J., 2009. Isolation and analysis of extracellular 1378 
polymeric substances from drinking water biofilms. Presented at the 5th ASM Conference on 1379 
Biofilms, Cancun, Mexico. 1380 
Michalowski, W., Flemming, H., Wingender, J., 2010. Isolation of extracellular polymeric 1381 
substances from drinking water biofilms– a critical assessment of standard isolation methods. 1382 
Presented at the Biofilms IV 1-3rd September, Winchester, UK. 1383 
Mohle, R.B., Langemann, T., Haesner, M., Augustin, W., Scholl, S., Neu, T.R., Hempel, 1384 
D.C., Horn, H., 2007. Structure and shear strength of microbial biofilms as determined with 1385 
58 
 
confocal laser scanning microscopy and fluid dynamic gauging using a novel rotating disc 1386 
biofilm reactor. Biotechnol Bioeng 98, 747-755. 1387 
Morris, R.M., Nunn, B.L., Frazar, C., Goodlett, D.R., Ting, Y.S., Rocap, G., 2010. 1388 
Comparative metaproteomics reveals ocean-scale shifts in microbial nutrient utilization and 1389 
energy transduction. ISME J 4, 673-685. 1390 
Mueller, R.S., Denef, V.J., Kalnejais, L.H., Suttle, K.B., Thomas, B.C., Wilmes, P., Smith, 1391 
R.L., Nordstrom, D.K., McCleskey, R.B., Shah, M.B., Verberkmoes, N.C., Hettich, R.L., 1392 
Banfield, J.F., 2010. Ecological distribution and population physiology defined by 1393 
proteomics in a natural microbial community. Mol Syst Biol 6, 30. 1394 
Murga, R., Forster, T.S., Brown, E., Pruckler, J.M., Fields, B.S., Donlan, R.M., 2001. Role of 1395 
biofilms in the survival of Legionella pneumophila in a model potable-water system. 1396 
Microbiol-Sgm 147, 3121-3126. 1397 
Murphy, H.M., Payne, S.J., Gagnon, G.A., 2008. Sequential UV- and chlorine-based 1398 
disinfection to mitigate Escherichia coli in drinking water biofilms. Water Res 42, 2083-1399 
2092. 1400 
Muyzer, G., 1999. DGGE/TGGE a method for identifying genes from natural ecosystems. 1401 
Curr Opin Microbiol 2, 317-322. 1402 
Muyzer, G., Dewaal, E.C., Uitterlinden, A.G., 1993. Profiling of complex microbial 1403 
populations by denaturing gradient gel electrophoresis analysis of polymerase chain reaction 1404 
amplified genes coding for the 16S rRNA. Appl Environ Microbiol 59, 695-700. 1405 
Naz, I., Batool, S.-u., Ali, N., Khatoon, N., Atiq, N., Hameed, A., Ahmed, S., 2013. 1406 
Monitoring of growth and physiological activities of biofilm during succession on 1407 
polystyrene from activated sludge under aerobic and anaerobic conditions. Environ Monit 1408 
Assess 185, 6881-6892. 1409 
59 
 
Nielsen, J.L., Christensen, D., Kloppenborg, M., Nielsen, P.H., 2003. Quantification of cell-1410 
specific substrate uptake by probe-defined bacteria under in situ conditions by 1411 
microautoradiography and fluorescence in situ hybridization. Environmental Microbiology 5, 1412 
202-211. 1413 
Ohkouchi, Y., Ly, B.T., Ishikawa, S., Kawano, Y., Itoh, S., 2013. Determination of an 1414 
acceptable assimilable organic carbon (AOC) level for biological stability in water 1415 
distribution systems with minimized chlorine residual. Environ Monit Assess 185, 1427-1416 
1436. 1417 
Orita, M., Iwahana, H., Kanazawa, H., Hayashi, K., Sekiya, T., 1989. Detection of 1418 
polymorphisms of human DNA by gel electrophoresis as single-strand conformation 1419 
polymorphisms. Proc Natl Acad Sci U S A 86, 2766-2770. 1420 
Ouverney, C.C., Fuhrman, J.A., 1999. Combined microautoradiography-16S rRNA probe 1421 
technique for determination of radioisotope uptake by specific microbial cell types in situ. 1422 
Appl Environ Microbiol 65, 1746-1752. 1423 
Pandhal, J., Snijders, A.P.L., Wright, P.C., Biggs, C.A., 2008. A cross-species quantitative 1424 
proteomic study of salt adaptation in a halotolerant environmental isolate using 15N 1425 
metabolic labelling. Proteomics 8, 2266-2284. 1426 
Pasmore, M., Todd, P., Pfiefer, B., Rhodes, M., Bowman, C.N., 2002. Effect of polymer 1427 
surface properties on the reversibility of attachment of Pseudomonas aeruginosa in the early 1428 
stages of biofilm development. Biofouling 18, 65-71. 1429 
Pereira, V.J., Fernandes, D., Carvalho, G., Benoliel, M.J., San Romão, M.V., Barreto Crespo, 1430 
M.T., 2010. Assessment of the presence and dynamics of fungi in drinking water sources 1431 
using cultural and molecular methods. Water Res 44, 4850-4859. 1432 
60 
 
Pernthaler, A., Pernthaler, J., Amann, R., 2002a. Fluorescence In situ hybridization and 1433 
catalyzed reporter deposition for the identification of marine bacteria. Appl Environ Microb 1434 
68, 3094-3101. 1435 
Pernthaler, A., Pernthaler, J., Schattenhofer, M., Amann, R., 2002b. Identification of DNA-1436 
synthesizing bacterial cells in coastal North sea plankton. Appl Environ Microb 68, 5728-1437 
5736. 1438 
Po, T., Steger, G., Rosenbaum, V., Kaper, J., Riesner, D., 1987. Double-stranded 1439 
cucumovirus associated RNA 5: experimental analysis of necrogenic and non-necrogenic 1440 
variants by temperature-gradient gel electrophoresis. Nucleic Acids Research 15, 5069-5083. 1441 
Pradet-Balade, B., Boulme, F., Beug, H., Mullner, E.W., Garcia-Sanz, J.A., 2001. Translation 1442 
control: bridging the gap between genomics and proteomics? Trends Biochem Sci 26, 225-1443 
229. 1444 
Prosser, J.I., 2002. Molecular and functional diversity in soil micro-organisms. Plant Soil 1445 
244, 9-17. 1446 
Pryor, M., Springthorpe, S., Riffard, S., Brooks, T., Huo, Y., Davis, G., Sattar, S.A., 2004. 1447 
Investigation of opportunistic pathogens in municipal drinking water under different supply 1448 
and treatment regimes. Water Sci Technol 50, 83-90. 1449 
Purevdorj, B., Costerton, J.W., Stoodley, P., 2002. Influence of hydrodynamics and cell 1450 
signaling on the structure and behavior of Pseudomonas aeruginosa biofilms. Appl Environ 1451 
Microb 68, 4457-4464. 1452 
Quiles, F., Humbert, F., Delille, A., 2010. Analysis of changes in attenuated total reflection 1453 
FTIR fingerprints of Pseudomonas fluorescens from planktonic state to nascent biofilm state. 1454 
Spectrochim Acta A Mol Biomol Spectrosc 75, 610-616. 1455 
Radajewski, S., Ineson, P., Parekh, N.R., Murrell, J.C., 2000. Stable-isotope probing as a tool 1456 
in microbial ecology. Nature 403, 646-649. 1457 
61 
 
Ramalingam, B., Sekar, R., Boxall, J., Biggs, C., 2013. Aggregation and biofilm formation of 1458 
bacteria isolated from domestic drinking water. Water Science & Technology: Water Supply 1459 
13. 1460 
Raunkjaer, K., Hvitved-Jacobsen, T., Nielsen, P., 1994. Measurement of pools of protein, 1461 
carbohydrate and lipid in domestic waste-water. Water Res. 28, 251–262. 1462 
Revetta, R.P., Pemberton, A., Lamendella, R., Iker, B., Santo Domingo, J.W., 2010. 1463 
Identification of bacterial populations in drinking water using 16S rRNA-based sequence 1464 
analyses. Water Res 44, 1353-1360. 1465 
Rickard, A.H., Gilbert, P., High, N.J., Kolenbrander, P.E., Handley, P.S., 2003. Bacterial 1466 
coaggregation: an integral process in the development of multi-species biofilms. Trends in 1467 
Microbiology 11, 94-100. 1468 
Riesenfeld, C.S., Schloss, P.D., Handelsman, J., 2004. Metagenomics: genomic analysis of 1469 
microbial communities. Annu Rev Genet 38,  525–52. 1470 
Rinta-Kanto, J.M., Lehtola, M.J., Vartiainen, T., Martikainen, P.J., 2004. Rapid enumeration 1471 
of virus-like particles in drinking water samples using SYBR green I-staining. Water Res 38, 1472 
2614-2618. 1473 
Rompre, A., Servais, P., Baudart, J., de-Roubin, M.R., Laurent, P., 2002. Detection and 1474 
enumeration of coliforms in drinking water: current methods and emerging approaches. J 1475 
Microbiol Methods 49, 31-54. 1476 
Rondon, M.R., August, P.R., Bettermann, A.D., Brady, S.F., Grossman, T.H., Liles, M.R., 1477 
Loiacono, K.A., Lynch, B.A., MacNeil, I.A., Minor, C., Tiong, C.L., Gilman, M., Osburne, 1478 
M.S., Clardy, J., Handelsman, J., Goodman, R.M., 2000. Cloning the soil metagenome: a 1479 
strategy for accessing the genetic and functional diversity of uncultured microorganisms. 1480 
Appl Environ Microb 66, 2541-2547. 1481 
62 
 
Rouxhet, P.G., Mozes, N., Dengis, P.B., Dufrêne, Y.F., Gerin, P.A., Genet, M.J., 1994. 1482 
Application of X-ray photoelectron spectroscopy to microorganisms. Colloids and Surfaces 1483 
B: Biointerfaces 2, 347-369. 1484 
Sanger, F., Nicklen, S., Coulson, A.R., 1977. DNA sequencing with chain-terminating 1485 
inhibitors. Proc Natl Acad Sci U S A 74, 5463-5467. 1486 
Sanz, J.L., Köchling, T., 2007. Molecular biology techniques used in wastewater treatment: 1487 
An overview. Process Biochem 42, 119-133. 1488 
Saunders, A.M., Kristiansen, A., Lund, M.B., Revsbech, N.P., Schramm, A., 2009. Detection 1489 
and persistence of fecal Bacteroidales as water quality indicators in unchlorinated drinking 1490 
water. Syst Appl Microbiol 32, 362-370. 1491 
Savichtcheva, O., Okayama, N., Ito, T., Okabe, S., 2005. Application of a direct 1492 
fluorescence-based live/dead staining combined with fluorescence in situ hybridization for 1493 
assessment of survival rate of Bacteroides spp. in drinking water. Biotechnol Bioeng 92, 356-1494 
363. 1495 
Schauer, S., Sommer, R., Farnleitner, A.H., Kirschner, A.K.T., 2012. Rapid and sensitive 1496 
quantification of Vibrio cholerae and Vibrio mimicus cells in water samples by use of 1497 
catalyzed reporter deposition fluorescence in situ hybridization combined with solid-phase 1498 
cytometry. Appl Environ Microb 78, 7369-7375. 1499 
Schaule, G., Flemming, H.C., 1996. Quantification of respiratory active bacteria in water and 1500 
biofilms with a fluorescent redox dye. Microbially Influenced Corrosion of Materials, 159-1501 
165. 1502 
Schaule, G., Flemming, H.C., Ridgway, H.F., 1993. Use of 5-cyano-2,3-ditolyl tetrazolium 1503 
chloride for quantifying planktonic and sessile respiring bacteria in drinking water. Appl 1504 
Environ Microb 59, 3850-3857. 1505 
63 
 
Schmid, M., Thill, A., Purkhold, U., Walcher, M., Bottero, J.Y., Ginestet, P., Nielsen, P.H., 1506 
Wuertz, S., Wagner, M., 2003. Characterization of activated sludge flocs by confocal laser 1507 
scanning microscopy and image analysis. Water Res. 37, 2043–2052. 1508 
Schloss, P.D., Westcott, S.L., Ryabin, T., Hall, J.R., Hartmann, M., Hollister, E.B., 1509 
Lesniewski, R.A., Oakley, B.B., Parks, D.H., Robinson, C.J., Sahl, J.W., Stres, B., 1510 
Thallinger, G.G., Van Horn, D.J., Weber, C.F., 2009. Introducing mothur: open-source, 1511 
platform-independent, community-supported software for describing and comparing 1512 
microbial communities. Appl Environ Microb 75, 7537-7541. 1513 
Schneider, T., Riedel, K., 2010. Environmental proteomics: analysis of structure and function 1514 
of microbial communities. Proteomics 10, 785-798. 1515 
Sekar, R., Deines, P., Machell, J., Osborn, A.M., Biggs, C.A., Boxall, J.B., 2012. Bacterial 1516 
water quality and network hydraulic characteristics: a field study of a small, looped water 1517 
distribution system using culture-independent molecular methods. J Appl Microbiol 112, 1518 
1220-1234. 1519 
Sen, K., Schable, N.A., Lye, D.J., 2007. Development of an internal control for evaluation 1520 
and standardization of a quantitative PCR assay for detection of Helicobacter pylori in 1521 
drinking water. Appl Environ Microb 73, 7380-7387. 1522 
Sharkey, F.H., Banat, I.M., Marchant, R., 2004. Detection and quantification of gene 1523 
expression in environmental bacteriology. Appl Environ Microb 70, 3795-3806. 1524 
Sheng, G., Yu, H., Yu, Z., 2005. Extraction of extracellular polymeric substances from the 1525 
photosynthetic bacterium Rhodopseudomonas acidophila. Appl. Microbiol. Biotechnol. 67, 1526 
125–130. 1527 
Shumi, W., Lim, J., Nam, S., Kim, S., Cho, K., Yoon, J., Park, S., 2009. Fluorescence 1528 
imaging of the spatial distribution of ferric ions over biofilms formed by Streptococcus 1529 
mutans under microfluidic conditions. Biochip J. 3, 119–124. 1530 
64 
 
Siggins, A., Gunnigle, E., Abram, F., 2012. Exploring mixed microbial community 1531 
functioning: recent advances in metaproteomics. FEMS Microbiology Ecology 80, 265-280. 1532 
Simoes, L.C., Simoes, M., Oliveira, R., Vieira, M.J., 2007. Potential of the adhesion of 1533 
bacteria isolated from drinking water to materials. J Basic Microb 47, 174-183. 1534 
Simoes, L.C., Simoes, M., Vieira, M.J., 2008. Intergeneric coaggregation among drinking 1535 
water bacteria: evidence of a role for Acinetobacter calcoaceticus as a bridging bacterium. 1536 
Appl Environ Microbiol 74, 1259-1263. 1537 
Simoes, L.C., Simoes, M., Vieira, M.J., 2010a. Adhesion and biofilm formation on 1538 
polystyrene by drinking water-isolated bacteria. Antonie van Leeuwenhoek 98, 317-329. 1539 
Simoes, L.C., Simoes, M., Vieira, M.J., 2010b. Influence of the diversity of bacterial isolates 1540 
from drinking water on resistance of biofilms to disinfection. Appl Environ Microb 76, 6673-1541 
6679. 1542 
Smith, C.J., Osborn, A.M., 2009. Advantages and limitations of quantitative PCR (Q-PCR)-1543 
based approaches in microbial ecology. FEMS Microbiology Ecology 67, 6-20. 1544 
Soni, K., Balasubramanian, A., Beskok, A., Pillai, S., 2008. Zeta potential of selected bacteria 1545 
in drinking water when dead, starved, or exposed to minimal and rich culture media. Curr 1546 
Microbiol 56, 93-97. 1547 
Steed, K.A., Falkinham, J.O., 2006. Effect of growth in biofilms on chlorine susceptibility of 1548 
Mycobacterium avium and Mycobacterium intracellulare. Appl Environ Microb 72, 4007-1549 
4011. 1550 
Stepanovic, S., Vukovic, D., Dakic, I., Savic, B., Svabic-Vlahovic, M., 2000. A modified 1551 
microtiter-plate test for quantification of staphylococcal biofilm formation. J Microbiol 1552 
Methods 40, 175-179. 1553 
Sutton, S., 2010. The most probable number method and its uses in enumeration, 1554 
qualification, and validation. Journal of Validation Technology 16, 35-38. 1555 
65 
 
Szewzyk, U., Szewzyk, R., Manz, W., Schleifer, K.H., 2000. Microbiological safety of 1556 
drinking water. Annu Rev Microbiol 54, 81-127. 1557 
Tamura, K., Peterson, D., Peterson, N., Stecher, G., Nei, M., Kumar, S., 2011. MEGA5: 1558 
molecular evolutionary genetics analysis using maximum likelihood, evolutionary distance, 1559 
and maximum parsimony methods. Mol Biol Evol 28, 2731-2739. 1560 
Teng, F., Guan, Y.T., Zhu, W.P., 2008. Effect of biofilm on cast iron pipe corrosion in 1561 
drinking water distribution system: Corrosion scales characterization and microbial 1562 
community structure investigation. Corros Sci 50, 2816-2823. 1563 
Theron, J., Cloete, T.E., 2000. Molecular techniques for determining microbial diversity and 1564 
community structure in natural environments. Crit Rev Microbiol 26, 37-57. 1565 
Tilman, D., 2001. Functional diversity. Encyclopedia of biodiversity. (ed. S.A. Levin), pp. 1566 
109–120. Academic Press, San Diego, CA. 1567 
Trevelyan, W.E., Forrest, R.S., Harrison, J.S., 1952. Determination of yeast carbohydrates 1568 
with the anthrone reagent. Nature 170, 626–627. 1569 
Tsitko, I., Rahkila, R., Priha, O., Ali-Vehmas, T., Terefework, Z., Soini, H., Salkinoja-1570 
Salonen, M.S., 2006. Isolation and automated ribotyping of Mycobacterium lentiflavum from 1571 
drinking water distribution system and clinical specimens. FEMS Microbiology Letters 256, 1572 
236-243. 1573 
Valster, R.M., Wullings, B.A., Bakker, G., Smidt, H., van der Kooij, D., 2009. Free-living 1574 
protozoa in two unchlorinated drinking water supplies, identified by phylogenic analysis of 1575 
18S rRNA gene sequences. Appl Environ Microb 75, 4736-4746. 1576 
van der Kooij, D., 1992. Assimilable organic carbon as an indicator of bacterial regrowth. 1577 
Journal / American Water Works Association 84, 57-65. 1578 
66 
 
van der Wielen, P.W., van der Kooij, D., 2010. Effect of water composition, distance and 1579 
season on the adenosine triphosphate concentration in unchlorinated drinking water in the 1580 
Netherlands. Water Res 44, 4860-4867. 1581 
van der Wielen, P.W.J.J., Voost, S., van der Kooij, D., 2009. Ammonia-oxidizing bacteria 1582 
and archaea in groundwater treatment and drinking water distribution systems. Appl Environ 1583 
Microb 75, 4687-4695. 1584 
Van Loosdrecht, M.C.M., Lyklema, J., Norde, W., Schraa, G., Zehnder, A.J.B., 1987. 1585 
Electrophoretic mobility and hydrophobicity as a measure to predict the initial steps of 1586 
bacterial adhesion. Appl Environ Microb 53, 1898-1901. 1587 
Vaneechoutte, M., Rossau, R., De Vos, P., Gillis, M., Janssens, D., Paepe, N., De Rouck, A., 1588 
Fiers, T., Claeys, G., Kersters, K., 1992. Rapid identification of bacteria of the 1589 
Comamonadaceae with amplified ribosomal DNA-restriction analysis (ARDRA). FEMS 1590 
Microbiology Letters 93, 227-233. 1591 
Venter, J.C., Remington, K., Heidelberg, J.F., Halpern, A.L., Rusch, D., Eisen, J.A., Wu, D., 1592 
Paulsen, I., Nelson, K.E., Nelson, W., Fouts, D.E., Levy, S., Knap, A.H., Lomas, M.W., 1593 
Nealson, K., White, O., Peterson, J., Hoffman, J., Parsons, R., Baden-Tillson, H., Pfannkoch, 1594 
C., Rogers, Y.-H., Smith, H.O., 2004. Environmental genome shotgun sequencing of the 1595 
Sargasso Sea. Science 304, 66-74. 1596 
Vesey, G., Hutton, P., Champion, A., Ashbolt, N., Williams, K.L., Warton, A., Veal, D., 1597 
1994. Application of flow cytometric methods for the routine detection of Cryptosporidium 1598 
and Giardia in water. Cytometry 16, 1-6. 1599 
Vesey, G., Slade, J.S., Byrne, M., Shepherd, K., Dennis, P.J., Fricker, C.R., 1993. Routine 1600 
monitoring of Cryptosporidium oocysts in water using flow cytometry. J Appl Microbiol 75, 1601 
87-90. 1602 
67 
 
Vestle, J., White, D., 1989. Lipid analysis in microbial ecology–quantitative approaches to 1603 
the study of microbial communities. Bioscience 39, 535-541. 1604 
Vital, M., Dignum, M., Magic-Knezev, A., Ross, P., Rietveld, L., Hammes, F., 2012. Flow 1605 
cytometry and adenosine tri-phosphate analysis: Alternative possibilities to evaluate major 1606 
bacteriological changes in drinking water treatment and distribution systems. Water Res 46, 1607 
4665-4676. 1608 
Wagner, M., Amann, R., Lemmer, H., Schleifer, K.H., 1993. Probing activated sludge with 1609 
oligonucleotides specific for proteobacteria: inadequacy of culture-dependent methods for 1610 
describing microbial community structure. Appl Environ Microb 59, 1520-1525. 1611 
Wagner, M., Nielsen, P.H., Loy, A., Nielsen, J.L., Daims, H., 2006. Linking microbial 1612 
community structure with function: fluorescence in situ hybridization-microautoradiography 1613 
and isotope arrays. Current Opinion in Biotechnology 17, 83-91. 1614 
Wagner, M., Ivleva, N.P., Haisch, C., Niessner, R., Horn, H., 2009a. Combined use of 1615 
confocal laser scanning microscopy (CLSM) and Raman microscopy (RM): Investigations on 1616 
EPS - Matrix. Water Res. 43, 63–76. 1617 
Wagner, M., Ivleva, N.P., Haisch, C., Niessner, R., Horn, H., 2009b. Combined use of 1618 
confocal laser scanning microscopy (CLSM) and Raman microscopy (RM): Investigations on 1619 
EPS - Matrix. Water Res. 43, 63–76. 1620 
Weinthal, E., Parag, Y., Vengosh, A., Muti, A., Kloppmann, W., 2005. The EU Drinking 1621 
Water Directive: the boron standard and scientific uncertainty. European Environment 15, 1-1622 
12. 1623 
White, D.C., Gouffon, J.S., Peacock, A.D., Geyer, R., Biernacki, A., Davis, G.A., Pryor, M., 1624 
Tabacco, M.B., Sublette, K.L., 2003. Forensic analysis by comprehensive rapid detection of 1625 
pathogens and contamination concentrated in biofilms in drinking water systems for water 1626 
resource protection and management. Environ Forensics 4, 63-74. 1627 
68 
 
WHO, 2011. Guidelines for drinking water quality fourth edition, ISBN 978 92 4 154815 1. 1628 
Widjojoatmodjo, M.N., Fluit, A.C., Verhoef, J., 1995. Molecular identification of bacteria by 1629 
fluorescence-based PCR-single-strand conformation polymorphism analysis of the 16S rRNA 1630 
gene. J Clin Microbiol 33, 2601-2606. 1631 
Wilhartitz, I., Mach, R.L., Teira, E., Reinthaler, T., Herndl, G.J., Farnleitner, A.H., 2007. 1632 
Prokaryotic community analysis with CARD-FISH in comparison with FISH in ultra-1633 
oligotrophic ground- and drinking water. J Appl Microbiol 103, 871-881. 1634 
Wilmes, P., Bond, P.L., 2006. Metaproteomics: studying functional gene expression in 1635 
microbial ecosystems. Trends Microbiol 14, 6-6. 1636 
Winderl, C., Penning, H., Netzer, F.v., Meckenstock, R.U., Lueders, T., 2010. DNA-SIP 1637 
identifies sulfate-reducing Clostridia as important toluene degraders in tar-oil-contaminated 1638 
aquifer sediment. ISME J 4, 1314-1325. 1639 
Wingender, J., Grobe, S., Fiedler, S., Flemming, H., 1999. The effect of extracellular 1640 
polysaccharides on the resistance of Pseudomonas aeruginosa to chlorine and hydrogen 1641 
peroxide. BIOFILMS Aquat. Environ. 93–100. 1642 
Wingender, J., Flemming, H.C., 2004. Contamination potential of drinking water distribution 1643 
network biofilms. Water Sci Technol 49, 277-286. 1644 
Woese, C.R., 1987. Bacterial evolution. Microbiol Rev 51, 221-271. 1645 
Wouters, K., Maes, E., Spitz, J.A., Roeffaers, M.B.J., Wattiau, P., Hofkens, J., Springael, D., 1646 
2010. A non-invasive fluorescent staining procedure allows Confocal Laser Scanning 1647 
Microscopy based imaging of Mycobacterium in multispecies biofilms colonizing and 1648 
degrading polycyclic aromatic hydrocarbons. J Microbiol Meth 83, 317-325. 1649 
Wullings, B.A., van der Kooij, D., 2006. Occurrence and genetic diversity of uncultured 1650 
Legionella spp. in drinking water treated at temperatures below 15 degrees C. Appl Environ 1651 
Microbiol 72, 157-166. 1652 
69 
 
Yang, Y., Sreenivasan, P.K., Subramanyam, R., Cummins, D., 2006. Multiparameter 1653 
assessments to determine the effects of sugars and antimicrobials on a polymicrobial oral 1654 
biofilm. Appl Environ Microb 72, 6734-6742. 1655 
Yapsakli, K., Mertoglu, B., Çeçen, F., 2010. Identification of nitrifiers and nitrification 1656 
performance in drinking water biological activated carbon (BAC) filtration. Process Biochem 1657 
45, 1543-1549. 1658 
Zacheus, O.M., Iivanainen, E.K., Nissinen, T.K., Lehtola, M.J., Martikainen, P.J., 2000. 1659 
Bacterial biofilm formation on polyvinyl chloride, polyethylene and stainless steel exposed to 1660 
ozonated water. Water Res 34, 63-70. 1661 
Zelles, L., 1999. Fatty acid patterns of phospholipids and lipopolysaccharides in the 1662 
characterisation of microbial communities in soil: a review. Biol Fertil Soils 29, 111-129. 1663 
Zhang, X., Bishop, P., Kinkle, B., 1999. Comparison of extraction methods for quantifying 1664 
extracellular polymers in biofilms. Water Sci. Technol. 39, 211–218. 1665 
 1666 
70 
 
Figure and tables 1667 
Figure 1: Scheme showing the different techniques available to characterise microbial communities in drinking water distribution systems 1668 
 1669 
 1670 
71 
 
Table 1: Current molecular techniques to study microbial consortia and communities of 1671 
drinking water distribution systems (advantages and disadvantages) 1672 
 1673 
72 
 
Table 2: Methods used to extract and analyse different components of biofilms and the EPS (extracellular polymeric substance) matrix1674 
 1675 
Aim/Process Method
Cation Exchange Resin (CER)
Freeze-drying (ethanol 
precipitation)
Ethylenediaminetetraacetic acid 
(EDTA)
Formaldehyde
Nucleic Acid
G6PDH Enzyme Assay B
DAPI C
TOC D
TS or TSS or VSS E
Dry Weight (via Freeze-drying)
Bradford Assay
Anthrone
ReferencesAdvantages/Disadvantages
Used to assess carbohydrates in estuarine sediments but has not been applied in a drinking 
water context
Hanlon et. al. , 2006; Haynes et. al. , 2007;                      
Hofmann et. al. , 2009
Commonly used method but inhibits protein analysis; found to release nucleic acids in a 
study of Rhodopseudomonas acidophila
Zhang et. al. , 1999; Sheng et. al. , 2005;                         
Eboigbodin & Biggs, 2008
E
x
t
r
a
c
t
i
o
n
 
o
f
 
E
P
S
Stated as best method for subsequent carbohydrate analysis
Used in drinking water samples; reported to increase extraction yield and quality from 
biofilms in different environments, although limited comparison with other methods
Jahn & Nielson, 1995; Frolund et. al. , 1996; 
McSwain et. al. , 2005; Denkhaus et. al. , 2007; 
Michalowski et. al. , 2009 
Q
u
a
n
t
i
f
i
c
a
t
i
o
n
G6PDH is an accurate indicator of cell lysis as it is not found naturally outside cells Lessie & van der Wijck, 1972; Frolund et. al. , 1995; 
McSwain et. al. , 2005
Jahn & Neilsen, 1995; Frolund et. al. , 1995
Zhang et. al. , 1999
C
e
l
l
 
L
y
s
i
s
Does not distinguish between free DNA already in EPS from intracellular DNA due to cell 
lysis. Wingender et al., 1999; Michalowski et. al. , 2009 
Lowry, 1951; Raunkjaer et. al. , 1994;                          
Jahn & Neilsen, 1995; Sheng et. al. , 2005 
Modified Lowry has been used with drinking water, removes humic acids but is more 
complex and time consuming. The RC DCA assay is based on the Lowry method and is 
available as a kit.
Bradford et. al. , 1976; Frolund et. al. , 1995; 
Michalowski et. al. , 2009
Commonly used; more complex than phenol-sulfuric method, not all carbohydrates produce 
colour of the same intensity – problem if protein composition is unknown
P
r
o
t
e
i
n
 
A
s
s
a
y
Recommended due to: speed, simplicity and insensitivity to other compounds (compared to 
Lowry). Variable sensitivity to different proteins
 Bradford et. al. , 1976; Raunkjaer et. al. , 1994; 
Frolund et. al. , 1995
Lowry
Subject to interference; laborious; slight variability in sensitivity to different proteins but 
distinguishes between molecules as small as dipeptides
Commonly used to assess biomass and EPS amount, relatively quick and reliable
Samples are freeze-dried and weighed before being resuspsended in water; provides a dry 
weight for quantification
Jahn & Neilsen, 1995; McSwain et. al. , 2005
Hofmann et al. , 2009
Cannot differentiate between DNA present in cells or EPS
Used to indicate biofilm or cell mass Zhang et. al. , 1999; Sheng et. al. , 2005
C
a
r
b
o
h
y
d
r
a
t
e
 
A
s
s
a
y
Used with drinking water and commonly used in other biofilm studies. It is more 
comprehensive than the anthrone method, has high specificity for all carbohydrates, which 
undergo the colour change with the same intensity
Dubois et al, 1956; Raunkjaer et. al. , 1994;                
Hanlon et. al. , 2006; Haynes et. al. , 2007;                           
Michalowski et. al. , 2009; Hofmann et. al. , 2009
Phenol- Sulfuric Acid
A Reducing Agent Compatible, Detergent Agent  Compatible;
 
B
 
Glucose-6-phosphate Dehydrogenase; C 4',6-diamidino-2-phenylindole; D total organic carbon; E TS – total solids; TSS – total suspended solids; 
VSS – volatile suspended solid
Raunkjaer et. al. , 1994; Jahn & Neilsen, 1995; 
Frolund et. al. , 1995
